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The visualization of biological structures down to the molecular length scale has been re-
cently made possible by the development of super-resolution fluorescence microscopy.
These techniques now routinely resolve biological structures down to a few nanome-
ters. Various super-resolution techniques have been developed, the most successful being
Stimulated Depletion Emission (STED) microscopy and Single Molecule Localization Mi-
croscopy (SMLM). In what follows, I will focus on the latter class of techniques which
is based on the fact that a single molecule image allows for localizing the molecule with
a much higher accuracy than the diffraction limit of resolution of the used microscope.
However, a big challenge of SMLM is to achieve a similar super-resolution along the
optical axis of a microscope. For this purpose, metal-induced energy transfer (MIET)
imaging was recently introduced as an elegant method for axially localizing fluorophores
with nanometer precision. The underlying principle of MIET is based on an electromag-
netic near-field-mediated energy transfer from an excited fluorescent emitter (donor) to
a thin planar metal film (acceptor). This energy transfer leads to a distance-dependent
modulation of an emitter’s fluorescence lifetime (quenching), that can be easily measured
with conventional fluorescence lifetime measurement techniques. The power of MIET is
that it works with any fluorophore, and it only requires a conventional fluorescence life-
time imaging (FLIM) microscope. In this thesis, I present a powerful modification and
further development of MIET, that is called graphene-induced energy transfer (GIET).
GIET replaces the metal film of MIET with a single sheet of graphene which reduces the
quenching range by one order of magnitude, leading to a tenfold improvement in axial
resolution. This enables the localization of fluorophores with sub-nanometer accuracy.
We demonstrate the potential of GIET by quantifying inter-leaflet distances in supported
lipid bilayers (SLBs) and discuss the potential of the technique particularly in membrane
biophysics applications. The second line of this thesis is devoted to the complementary
topic of fast molecular dynamics. While super-resolution microscopy succeeds in resolving
structural details with nanometer resolution, it is too slow for temporally resolving the
fast dynamics of the observed molecules. For this purpose, spectroscopic techniques such
as single molecule fluorescence spectroscopy (SMFS) have become an important tool that
can resolve molecular dynamics down to timescales of nanoseconds. In my thesis, I focus
on fluorescence lifetime correlation spectroscopy (FLCS), an advanced variant of fluo-
rescence correlation spectroscopy (FCS). Using FLCS, I could disentangle two emission
states in an autofluorescent protein that have otherwise highly overlapping spectra, and
I could quantify the microsecond switching rates between these two states. As compared
to other existing methods, FLCS offers the unique advantage of probing such fast switch-
ing kinetics with nanosecond temporal resolution under equilibrium conditions at room
iii
temperature, making it the method of choice for similar studies of complex luminescent
emitters. Finally, I will also present another study where I utilized advanced FCS for
studying protein self-assembly. In summary, my thesis presents several advanced meth-
ods in SMLM and SMFS which significantly enhance the spatial and temporal resolution
at the single molecule level. I believe that the presented methods will find a wide range
of applications in the life sciences.
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Exploring microscopic life with light is one of the most fascinating applications of
physics (optics). The interaction between light and matter is the foundation of all optical
techniques such as optical microscopy or optical spectroscopy. However, the techniques
that have become particularly important for the life-science are all based on fluorescence.
This is due to the unprecedented specificity (only specific organic dyes or proteins exhibit
fluorescence, with specific absorption and emission properties) and sensitivity (down to
single molecules) of fluorescence. Even more, fluorescence offers the unique advantage of
observing biological processes under native conditions and in living cells, which offers the
possibility to answer many fundamental biological questions that had been unanswered
over centuries before. As Richard Feynman said: It is very easy to answer many of these
fundamental biological questions; you just look at the thing!
The quest for looking at the ’invisible’ world began with the invention of the first com-
pound microscope by Galileo Galilei in 1609. In 1676, Antonie van Leeuwenhoek built a
microscope with one lens that he used to examine blood cells, yeast, and insects. How-
ever, the resolution of these optical systems, that is the smallest distance between two
points in a specimen that can be distinguished, was dependent on how craftily a micro-
scope was built. This changed almost 200 years later, when Ernst Karl Abbe developed
the theoretical basis of modern microscopy and derived his famous relation that couples
the resolution of a microscope with the wavelength of light (diffraction limit of optical
resolution). Historically, developments in light microscopy have always been motivated
by the desire for obtaining a detailed understanding of the structural organization and
function of biological systems. In this connection, inventions such as Köhler illumination
(August Köhler, 1893 ), phase contrast microscopy (Frits Zernike, 1933 ), and differential
interference contrast microscopy (Georges Nomarski, 1952 ) deserve special mention.
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The realization of the first fluorescence microscope dates back to 1908 when August
Köhler and Henry Siedentopf built a first prototype of such a microscope. Technical
advancements followed, using fluorescent dyes or pigments such as porphyrins as probes.
Modern fluorescence microscopy gained huge momentum with the discovery of the green
fluorescent protein (GFP) in 1962 by Shimomura and colleagues during the purification of
the bioluminescent protein aequorin from Aequorea victoria [1]. Most importantly, thirty
years after its discovery, in 1992, the gene that codes for GFP was cloned, and the utility
of GFP as a fluorescent marker tagged to biological structures in vivo was demonstrated
[2]. This paved the way to observe structural organization and dynamics in living cells
and tissue. This was followed by the emergence of novel synthetic dye molecules that can
be chemically or enzymatically attached to structures of interest. In parallel, technical
developments in diffraction-limited optical systems made also significant progress, leading
to the modern widefield and confocal fluorescence research microscopes. Taken together,
an exponential rise of fluorescence microscopy applications in bio-imaging can be seen in
the 1990s, making fluorescence microscopy one of the most important techniques in the
modern life sciences.
Although fluorescence microscopy gradually became a routine technique, it was still lim-
ited in spatial resolution by the diffraction of light, which meant that one could not resolve
two emitters positioned closer than roughly 200 nm (when using green light). While a
diffraction-limited system can be conveniently used to visualize single cells (few microns
in size), it is not capable to resolve details in, for example, a single virus, a protein,
or a DNA molecule, all having sizes between 1-100 nanometers. Thus, overcoming this
diffraction barrier of spatial resolution became a major goal in the further development of
optical microscopy. A first and most important step of overcoming the resolution limit of
optical microscopy was done in 1994 by S.W. Hell an colleagues, who developed stimulated
emission depletion (STED) [3]. Later, a second class of super-resolution microscopy tech-
niques was developed, namely single molecule localization microscopy (SMLM), which is
based in imaging and localizing individual fluorescence molecules. The development of
SMLM itself was based on the earlier successful realization of single molecule detection,
first with the work by W.E. Moerner, L. Kador in 1989 [4] and M. Orrit and J. Bernard
in 1990 [5] at cryogenic temperatures, and then later and most importantly with the
successful detection of single molecules in solution at room temperature by R.A. Keller
using a modified flow cytometer [6]. The class of SMLM techniques comprises photoac-
tivated localization microscopy (PALM) [7], stochastic optical reconstruction microscopy
(STORM) [8], direct STORM (dSTORM) [9], and point accumulation for imaging in
nanoscale topography (PAINT) [10]. These methods achieve a lateral resolution down to
a few nanometers. They enable the visualization of biological structures with unprece-
dented detail down to molecular length scales, serving as an ideal tool for non-invasive
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structural biology. It should be mentioned that alongside super-resolution fluorescence
microscopy, several other methods are commonly utilized for investigation of structural
biology. Among them are transmission electron microscopy [11], scanning electron mi-
croscopy [12], x-ray crystallography [13], and cryo-electron microscopy [14]. Although all
these methods are capable of discerning molecular and atomic structures of biomolecules
with Ångstrom resolution, their major drawback is their invasive nature inhibiting their
application in living systems.
SMLM techniques, namely PALM, STORM, dSTORM and PAINT, are optimized for
achieving maximum lateral spatial resolution. In a diffraction-limited optical microscope,
the spatial resolution along the optical axis is ∼700 nm. In order to achieve super-
resolution also along the optical axis, several SMLM imaging schemes have been devel-
oped, such as astigmatic imaging [15], bi-plane imaging [16], or wavefront shaping [17].
Similar to a diffraction-limited microscope, the achievable localization accuracy of these
schemes is typically three to five times worse as compared to the achievable lateral res-
olution. There exist few exceptional approaches based on optical interferometry such as
iPALM [18, 19] or isoSTED [20, 21], that achieve an axial resolution equal or even better
than the lateral resolution, but for the price of elevated technical complexity that currently
limits their wide usage. In this vein, our group developed metal-induced energy transfer
(MIET) as an easy to implement and to use alternative [22] for axial localization of flu-
orophores with nanometer accuracy. MIET relies on electrodynamic near-field-mediated
energy transfer from an optically excited fluorescent molecule (donor) to a thin planar
metal film of ∼10-15 nm thickness. This energy transfer leads to a distance-dependent
modulation of the excited-state fluorescence lifetime, which can be easily determined by
conventional fluorescence-lifetime measurement techniques. The measured excited-state
lifetime of a fluorescent molecule can then be converted into an axial distance value by
using a theoretical model of the fluorophore-metal interaction. Modulation of fluorescence
lifetime near a metal layer was extensively studied by Kuhn and Drexhage in the 1970s,
see e.g. ref. [23]. This phenomenon can be quantitatively described by considering the
fluorescent emitter to be an ideal oscillating electric dipole emitter, and to model the
interaction of this emitter with the metal using classical Maxwell’s electrodynamics. Re-
cently, we have demonstrated that by using a single sheet of graphene instead of a metal
film, one can increase the achievable axial resolution by nearly tenfold, thus enabling
sub-nanometer optical localization of fluorophores. This advanced variant of MIET was
named graphene-induced energy transfer (GIET) [24]. The current work presents the the-
oretical framework of GIET imaging and its application for determining axial distances
with sub-nanometer resolution.
While understanding molecular architectures is one of the central goals of fluorescence
bio-imaging, another one is resolving the fast dynamics of biomolecules on timescales
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down to nanoseconds. This dynamics is often crucial for their biological function. For ex-
ample, timescales of enzyme turnover, electron transfer reactions, protein folding, protein
translation, and many other processes take place on time-scales between few nanosec-
onds to tens of milliseconds. For a precise quantification of processes on these timescales,
fluorescence spectroscopy at the single molecule level has emerged as a powerful tool
[25] that enables the detection of molecular sub-species that would be otherwise be in-
visible in classical ensemble measurements. This set of techniques, generally termed
single molecule fluorescence spectroscopy (SMFS) allows us to follow reaction pathways
which are otherwise impossible to resolve with ensemble techniques. Here, single molecule
Förster resonance energy transfer (sm-FRET) is the most widely used SMFS technique
for investigating bio-molecular dynamics both in vitro and in vivo [26]. This method
relies on the distance-dependent energy transfer from an excited ’donor’ fluorophore to
an ’acceptor’ fluorophore and has been successfully employed to probe protein folding,
enzymatic reactions, binding-unbinding kinetics, and many more [27–29]. Fluorescence
correlation spectroscopy (FCS) is another frequently utilized SMFS technique [30]. It is
based on the temporal correlation of fluorescence intensity fluctuations recorded in the
small detection volume of a confocal microscope from fluorophores at nanomolar concen-
trations. These fluorescence intensity fluctuations typically originate from the Brownian
motion of the dye molecules, their photophysics, from chemical reactions, intramolecular
conformational dynamics etc. For the FCS correlation analysis, a recorded fluorescence
intensity time trace is point-wise multiplied with a time-shifted replica of itself, repeated
for all possible time-shift values (lag times), which results in the so-called second-order
autocorrelation function (ACF). On the microsecond timescale, the ACF is shaped by fast
photophysical processes, such as triplet state dynamics or cis-trans isomerization, while
on the millisecond timescale, lateral diffusion of molecules out of the detection volume
leads to its long-time decay. An important application of FCS is its combination with
photo-induced electron transfer (PET-FCS) for probing the conformational dynamics in
polymer chains [31]. It should be mentioned that there are a huge number of non-optical
methods that can also provide information of intra- and intermolecular dynamics on
timescales from nanoseconds to milliseconds, namely nuclear magnetic resonance (NMR)
spectroscopy [32, 33], electron paramagnetic resonance (EPR) [34], small angle x-ray
scattering (SAXS) [35], or neutron scattering [36]. They all can provide quantitative
information about three dimensional structure, topology, and dynamics of molecules in
solution and in the solid state. For example, NMR relaxation dispersion experiments have
provided crucial insights into the conformational inter-conversion of bio-molecules on a
timescale of micro- to milliseconds. In particular, dynamics and interactions in protein
chains is studied using this NMR. However, the sensitivity of all the mentioned methods
is by orders of magnitude worse than that of SMFS, requiring 100 micromolar to molar
sample concentrations.
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Classical FCS relies on fluctuations in the recorded fluorescence intensity signal, encod-
ing information about conformational dynamics, photophysical transitions etc. However,
many complex luminescent emitters such as fluorescent proteins have multiple emission
states leading to multiexponential fluorescence decays and rapid fluctuations between dif-
ferent excited-state lifetime states. However, conventional FCS is insensitive to changes
in fluorescence lifetime. Thus, an advanced extension of FCS was developed, fluorescence
lifetime correlation spectroscopy (FLCS) [37], that enables to measure fast intramolec-
ular transitions that lead to fast lifetime fluctuations. The core idea of FLCS is the
calculation of lifetime-dependent ACFs by weighing the recorded photons with statisti-
cal filter functions obtained from distinctive decay patterns of each fluorescent state. A
cross-correlation analysis then provides information about transitions between lifetime
states with a temporal resolution down to nanoseconds. We demonstrated the potential
of FLCS by quantifying microsecond transition rates between two emission states of the
prototypical fluorescent protein enhanced GFP (EGFP) [38].
This work is organized as follows: in the next chapter, I provide a comprehensive overview
on the background of fluorescence, fluorophores, fluorescence microscopy, and fluorescence
spectroscopy. Next, I briefly discuss the scope of this thesis and introduce its relevant
topics. In the third chapter, I present two peer-reviewed and published manuscripts which
provide the theoretical framework of FLCS, and its application for quantifying rapid pho-
tophysical transitions in EGFP. The fourth chapter encompasses the theoretical frame-
work of GIET and its utilization for single molecule localization and the determination
of the distance between two leaflets in a supported lipid bilayer. The working principle
of GIET and MIET imaging in general is presented in a published review. Finally yet
importantly, the fifth chapter presents some further biophysical applications of various
FCS-based SMFS techniques as well as fluorescence lifetime imaging microscopy (FLIM)
for investigating protein structure and dynamics.
Chapter 2
Background and Scope
2.1 Fluorescence and fluorophores
Fluorescence is a molecule’s ability to emit light after being excited by light of a suit-
able wavelength [39]. A beautiful example of fluorescence in nature can be seen in tiny
Brazilian frogs (Brachycephalus ephippium) where the backs and heads of the frogs glow
intensely under ultra-violet (UV) light [40] (Figure 2.1). A molecule exhibiting fluores-
cence is generally termed a fluorophore. It is characterized by its capability of absorbing
light of a specific wavelength, and of re-emitting the absorbed energy again as light at a
longer but specific wavelength. Fluorophores, which are mostly organic molecules, have
electronic states that can be divided into singlet and triplet states where all electrons are
spin-paired or one set of electron spins is unpaired, respectively. Upon excitation with
light, an electron in the fluorophore jumps from an electronic ground state (S0) to one
Figure 2.1: Fluorescence observed in the Brazilian frog Brachycephalus ephip-
pium. Left panel visualizes a colored photograph of B. ephippium and right panel
shows a fluorescent image of the same under illumination with UV light as de-
scribed in [39].
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Figure 2.2: Figure shows a simplified Jablonski diagram. A fluorophore absorbs
light of a suitable wavelength (shown in green arrow) in its electronic ground state
S0 and is excited to higher vibrational levels of the first excited state S1. Via vi-
brational relaxation (in brown curved arrow) the molecule returns to the lowest
vibrational level of S1. From here, the molecule can return to the ground state,
either radiatively via the emission of a photon which is manifested as fluorescence
(orange arrow), or non-radiatively via inter-molecular collisions. Alternatively,
the molecule can switch to a triplet state T1 via inter-system crossing (shown in
pink curved arrow). Following this, the fluorophore decays to the lowest vibra-
tional level of T1 via vibrational relaxation and finally returns to the ground state
S0 through phosphorescence (shown as red arrow).
of the multiple vibrational levels of an excited electronic singlet state (Sn) (see Jablonski
diagram in Figure 2.2). This is almost an instantaneous process occurring at a timescale
of ∼10−15 seconds. If a higher electronic state is excited, it quickly relaxes to the lowest
(first) excited state in a process called internal conversion (10−11 to 10−9 seconds). Any
excess vibrational energy is also given away by vibrational relaxation (within 10−12 to
10−10 seconds), after which one finds the molecule in the lowest-lying vibrational level
of its first electronic state (S1). From this state, the fluorophore returns to the ground
state (S0) by either non-radiative relaxation or by emitting a photon otherwise called
fluorescence. The typical timescale of this transition rate is 10−10 to 10−7 seconds. It
should be noted that excitation of a molecule into its excited state is usually done via
one-photon excitation (i.e. the absorption of one photon of suitable energy), but can
also be achieved via multi-photon excitation (i.e. by the quasi-simultaneous absorption
of several photons of suitable lower energy). Besides returning to the singlet ground state
S0, there is a small chance for a transition into the so-called triplet state which requires
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the reversal of the excited electron’s spin (inter-system crossing). Then, the molecule is
found in its the first excited triplet state (T1). Inter-system crossing is a “forbidden” pro-
cess (violating momentum conservation) although the triplet state is of lower electronic
energy than the excited singlet state. It can nonetheless happen due to spin-orbit cou-
pling, relaxing the spin momentum conservation, but only with a low probability. Hence,
it is fairly infrequent in most organic fluorophores (occurring typically once every ∼ 103
S1 → S0 transitions). From the triplet state, the molecule can return to the ground state
again involving a spin flip, which can be also connected with the emission of a photon
(phosphorescence).
Figure 2.3: The figure shows the absorption and fluorescence emission spectra
of the typical organic fluorophore Atto 655. The absorption spectrum is shown
in green and the emission spectrum in red. The wavelength difference between
absorption and emission maxima is called Stokes shift, as depicted in the plot.
The fluorescence spectrum of a dye molecule is always red-shifted relative to its absorp-
tion spectrum. This implies that the molecule emits photons of lower energy at longer
wavelengths as compared to the photons absorbed. The underlying cause of the Stokes
shift is that some of the energy of the excited fluorophore is lost through inter-molecular
collisions that occur during the brief lifetime of the molecule’s excited state. This en-
ergy is dissipated as heat to the environment (solvent molecules). Figure 2.3 shows the
absorption and emission spectra of a typical organic fluorophore, Atto 655 (ATTO-TEC
GmbH), and the Stokes shift between the spectra. Large values of Stokes shift are im-
portant for practical applications of fluorescence because it allows to spectrally separate
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the (strong) excitation light from the (weak) emitted fluorescence. Alongside fluores-
cence spectrum, other important parameters such as the fluorescence quantum yield and
fluorescence lifetime of fluorophores govern their selection criteria for microscopic and
spectroscopic applications. The fluorescence quantum yield (Φ) of a fluorescent molecule
is defined as the ratio of the number of emitted fluorescence photons to the number of





where kr and knr are the radiative and non-radiative decay rate constants, respectively.
Non-radiative processes include internal conversion, intra- and inter-molecular quenching
or intersystem crossing. Ideally, one would like to work with fluorophores having a quan-
tum yield value of Φ = 1, but most fluorophores used in microscopy and spectroscopy
show values between 0.2 and 1.0. To obtain high quantum yield values, a molecule should
have a relatively rigid structure minimizing rotations or vibrations of side groups which
prevent radiationless deactivation, ensuring a low intersystem crossing rate, and charge
transfer transitions owing to conjugated electron donor and acceptor groups. A second
important parameter is fluorescence lifetime (τf ) of a fluorophore which is defined as the





For an ensemble of excited molecules, τf is the characteristic time with which the number
of molecule still in their excited state decreases. Since the number of excited fluorophores
is proportional to the momentous fluorescence intensity I(t), this leads to a mono- ex-




Lifetime of a fluorescent molecule is sensitive to subtle changes in the local environment
such as alterations in local charge, solvent pH, or viscosity. Hence, fluorescence lifetime
is a non-trivial observable which is routinely exploited to study various chemical and
biochemical systems.
Fluorophores normally contain delocalized electrons in conjugated double bonds. Natu-
rally occurring fluorescent species such as proteins and nucleic acids possess delocalized
electrons in many of their monomeric units. They absorb and emit light in the ultra-violet
(UV) region. For example, in proteins, three amino acids having aromatic side chains,
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Figure 2.4: EGFP and its chromophore. Secondary structure of EGFP as
obtained from x-ray scattering (PDB ID 4EUL) is shown on the left. It contains
five α helices and one pleated sheet of eleven β-strands. The chromophore core
HBI is shown on the right is formed by threonine, tyrosine and glycine residues.
namely tryptophan, tyrosine and phenylalanine, are responsible for their observed auto-
fluorescence [41]. Among these three amino acids, tryptophan shows the highest fluores-
cence QY and thus dominates the auto-fluorescence of proteins [42, 43]. Cofactors such
as nicotinamide adenine dinucleotide (NADH) [44] and flavin adenine dinucleotide (FAD)
[45, 46], playing important role in cellular metabolism, are also fluorescent. Of all the
naturally existing luminescent biomolecules, the most prominent example is the green
fluorescent protein (GFP) which was isolated and purified from the jellyfish Aequorea
victoria [47]. GFP is composed of 238 amino acid residues (∼27 kDa) and exhibits a
bright green fluorescence emission upon excitation with blue light. GFP from A. victo-
ria, commonly termed as avGFP, has an excitation peak at 395 nm and a minor peak at
475 nm, while the emission maximum is at 509 nm. The protein has a quantum yield of
0.79. GFP is characterized by its signature beta barrel structure which consist of eleven
β-strands in a pleated sheet arrangement, and an α-helix with the covalently bound chro-
mophore p-hydroxybenzylidene-imidazolidone (HBI). Several mutants of GFP have been
engineered and utilized in cell biology, reporter assays, fluorescence microscopy, or spec-
troscopy in general. Notable examples include enhanced GFP (EGFP), blue fluorescent
protein (EBFP), cyan fluorescent protein (ECFP), yellow fluorescent protein (EYFP),
and so on [48–50]. The chromophore and the overall structure of EGFP is shown in
Figure 2.6. Data was taken from PDB ID 4EUL [51].
The second class of fluorophores which are routinely used are organic dye molecules.
Over the last two decades, the utilization of organic dyes in quantitative fluorescence
microscopy has witnessed an exponential rise. A bright, photostable fluorophore with
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Figure 2.5: Structure of the popular organic fluorophore rhodamine 6G. The dye
has an absorption maximum at 530 nm and two peaks in fluorescence emission
at 554 nm and 602 nm.
high quantum yield is an essential prerequisite for most applications from ensemble spec-
troscopy to single molecule fluorescence imaging. Commercially available organic dyes
exhibit strong absorption and emission bands in the visible region of the electromag-
netic spectrum [52–57]. An example of a commercially available organic dye molecule
rhodamine 6G is illustrated in Figure 2.5.
Various strategies are employed to attach fluorophores to molecules and structures of
interest. In case of fluorescent proteins (FPs), their gene-encoding domains are cloned
together with the gene encoding for the target protein into a plasmid, which is expressed
and purified as a fusion protein [58]. Organic dyes are synthesized in various ester forms
for conjugation to biomolecules. Some frequently used approaches include NHS-tagging
(N-hydroxysuccinimide ester) of a dye molecule to a free amine group at the N-terminus
of a protein or a lysine residue [59], or coupling of a dye with a modified maleimide group
to the thiol (-SH) group of a a cysteine residue [60]. Immunolabeling is another standard
approach. There, a primary antibody is attached to the structure of interest, followed by
amplification with a secondary antibody that is tagged with an organic fluorophore [61].
In what follows next, we briefly discuss the utilization of fluorescence-based assays for
spectroscopic investigations by monitoring steady-state and time-resolved parameters.
2.2 Fluorescence spectroscopy
Fluorescence spectroscopy encompasses a set of techniques which are routinely employed
for studying a variety of dynamic processes in fluorophore-tagged molecules exploiting the
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changes in fluorescence spectra. The simplest application is determination of molecular
concentration of fluorophores from their fluorescence intensity. In particular, steady-state
measurements of fluorescence properties such as fluorescence intensity under the emission
spectrum or the shape of the spectrum itself provide crucial information on the local
environment of the fluorophore. Another useful parameter is fluorescence anisotropy.
Excitation with polarized light leads to preferential excitation of molecules whose tran-
sition dipole moments are oriented parallel to the electric field vector E . This selective
photo-excitation results in a polarized fluorescence emission, which also impacts fluores-





where I‖ and I⊥ are the fluorescence intensities measured through linear polarization
filters parallel and perpendicular to the excitation polarization, respectively. For fluo-
rophores in solution, the fluorescence anisotropy is lower than for a solid sample due to ro-
tational diffusion, which randomizes the emission dipole orientations of excited molecules
over time. Typical rotational diffusion times are on the order of 100 ps for small organic
molecules in aqueous solutions, which is much faster than typical fluorescence lifetime
(τf ) values that are typically in the nanosecond range. In this case, the fluorescence
emission is fully depolarized and one finds an anisotropy value r = 0. On the contrary,
if rotational diffusion time is slower than τf , for example if the fluorophore is tagged
to a larger biomolecule, or experiments are done in solvents of higher viscosity or at
lower temperatures, one observes a strongly polarized emission. Monitoring fluorescence
intensity, emission spectra and anisotropy of fluorophores in a time-resolved manner pro-
vides more detailed insights into dynamic processes. Time-resolved emission spectra and
anisotropy measurements allow investigation of structural dynamics, molecular motions,
excited-state reactions, changes in microviscosity and population heterogeneity [62–66].
These fluorescence spectroscopic measurements are usually done with samples containing
micromolar range or higher concentration of fluorophores. This implies that the out-
come of these experiments are essentially averaged over a large ensemble of fluorescent
molecules. Hence, it is not possible to examine and compare properties of individual flu-
orescent molecules in a heterogeneous population using the classical approach. However,
in most biological and biochemical systems, existence of heterogeneous sub-populations
is a standard. For example, detection of rare protein conformations or transient inter-
mediates during the folding-unfolding pathway. In order to detect such events down to
the level of individual fluorescent species, we need advanced spectroscopic methods with
much higher detection sensitivity. This brings us to the next section focusing on detection
of single molecules using fluorescence spectroscopy.
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2.3 Single molecule detection (SMD)
The first reports about successful experimental detection of single molecules at cryogenic
temperatures were published in two seminal papers, one by W.E. Moerner and L. Kador
in 1989 [4], and the other by M. Orrit and J. Bernard in 1990 [5]. Moerner et al. observed
the optical absorption spectrum of the single dopant molecule pentacene in a p-terphenyl
host crystal at liquid-helium temperatures using frequency-modulation spectroscopy in
combination with Stark or ultrasonic modulation. Orrit et al. measured the fluorescence
excitation spectrum of single molecules in a pentacene-doped p-terphenyl crystal, also at
liquid-helium temperatures. The first successful detection of single rhodamine molecules
in aqueous solution at room temperature was done by the group of R.A. Keller using a
modified flow [6]. This was the starting point for the innumerable subsequent applications
of SMD in the life sciences. Later, E. Betzig used near-field scanning optical microscopy
(NSOM) in 1991 for imaging single fluorescent molecules with a spatial resolution beyond
the diffraction limit [67]. NSOM is based on placing a light source or detector with di-
mensions smaller than the optical wavelength λ in close proximity (< λ/50) to a sample
of interest for generating images with a resolution much below the diffraction resolution
limit of classical microscopy. This development was followed by far-field imaging of im-
mobilized single molecules, either using a confocal microscope or a wide-field microscope
[68–71]. In particular, this last technical achievement forms today the basis for one of
the most powerful techniques of super-resolution microscopy.
2.4 Single molecule fluorescence spectroscopy (SMFS)
Single molecule fluorescence spectroscopy (SMFS) has become an important spectro-
scopic research tool for the life sciences. It enabled the detection and investigation of rare
molecular sub-species that would be otherwise conspicuous in ensemble measurements
[25]. SMFS allows for measuring time trajectories of molecular conformational dynamics
and intermolecular interactions, and to follow reaction pathways that would be otherwise
impossible to study with ensemble techniques. The prerequisites of SMFS experiments in-
clude bright and photostable fluorophores, fast lasers as excitation source, and advanced
high-NA microscopy optics. The main challenge in SMFS experiments is to achieve a
high signal-to-noise (SNR) ratio, enabling the detection of a fluorophore’s emission above
all noise sources such as scattered light or autofluorescence. Over the years, innumer-
able SMFS techniques have been devised, of which some prominent examples include
single molecule Förster resonance energy transfer (sm-FRET) [26], fluorescence corre-
lation spectroscopy (FCS) [30], or photo-induced electron transfer (PET) [31]. FRET
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Figure 2.6: Experimental scheme of FRET and PET-FCS. A. shows a polymeric
chain labeled with two fluorescent dyes, the donor (green) and the acceptor (red).
FRET is extensively used for studying chain dynamics exploiting the strong dis-
tance dependence of the electromagnetic dipole-dipole interaction between excited
donor and acceptor. B. Schematic of a PET-FCS. A polymer chain, for example
a disordered peptide, is tagged with one fluorophore at one end while the other
end contains an electron donor that quenches the dye’s fluorescence upon direct
contact. So far, PET-FCS studies of bio-molecular conformational dynamics were
exclusively realized with the oxazine dye Atto 655 as fluorophore and tryptophan
or guanine as the quencher.
relies on a distance-dependent energy transfer from a fluorophore (alias donor) molecule
to an ’acceptor’ fluorescent molecule (Figure 2.12). FRET works over a distance range
of 4 to 10 nm between donor and acceptor. FRET is one of the most widely used tech-
niques for resolving structure, dynamics and interactions of biomolecules, in particular
for studying protein folding, enzymatic reactions, or binding kinetics [27–29, 72, 73].
Excellent reviews on are presented in refs. [74–77]. Another method for studying con-
formational dynamics of biomolecules is photo-induced electron transfer or PET [31] (see
Figure 2.12). PET exploits quenching of fluorescence by an electron donor in contact
with a fluorophore. As fluorophores, several oxazine and rhodamine based dye molecules
(e.g. Atto 655, rhodamine 6G) can be used, which can be quenched by the amino acid
tryptophan or the nucleic acid base guanine [78]. PET is extensively used in combination
with fluorescence correlation spectroscopy (FCS) for studying conformational dynamics
in proteins and oligonucleotides by quantifying the contact rate between the dye and the
quencher molecule. FCS correlates temporal intensity fluctuations of the signal detected
from a femtoliter confocal detection volume in nanomolar solutions of fluorescently tagged
molecules. In the case of PET-FCS, these fluctuations are generated by the reversible
contact formation between fluorophore and quencher. A more detailed description of FCS
is presented in the next section.
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2.4.1 Fluorescence correlation spectroscopy (FCS)
FCS was introduced in the late 70s by Elson, Magde and Webb as a tool for measuring
diffusion, concentration, and chemical reaction kinetics of fluorescent or fluorescently
labeled molecules at nanomolar concentrations [30, 79]. But the technique did not draw
much attention until the 1990s when Manfred Eigen and Rudolf Rigler demonstrated
the power of FCS by sorting single fluorescent molecules in solution and its potential
applications in diagnostics and evolutionary biotechnology [80]. Any phenomenon causing
fluorescence intensity fluctuations in the confocal detection volume will lead to a non-
trivial temporal autocorrelation function (ACF) of the recorded fluorescence time trace,
which can used to study the fluctuation-inducing process. This correlation function is
calculated as
g(τ) = 〈I(t)I(t+ τ)〉t (2.5)
where I(t) is the recorded fluorescence intensity at time t, τ is the so-called lag time,
and triangular brackets denote averaging over all time values t (see Figure 2.13). The
physical meaning of the ACF is that it is proportional to the probability to detect a
photon detection event at time τ if a photon was detected at time zero. Typical examples
of processes inducing temporal fluctuations of the measured fluorescence intensity are
Brownian motion of molecules through the detection volume, fluorophore photophysics,
chemical reactions, or conformational dynamics.
For example, Brownian motion (diffusion) leads to a non-trivial decay of the ACF on
a timescale of milliseconds. On very short time scales, while a molecule present in the
detection volume does barely move, one observes a high temporal correlation of the fluo-
rescence signal, because a continuous flux of fluorescence photons is excited and detected
from the molecule. As soon as the molecule diffuses out of the detection volume, this cor-
relation gradually decays, until the ACF reaches its offset value determined by physically
uncorrelated photons. Thus, the decay of of the ACF g(τ) with increasing lag time τ
will be proportional to the diffusion speed of the molecules, i.e. a faster decay signifies a
larger diffusion coefficient and vice versa. The absolute amplitude of an ACF depends on
the fluorophore concentration. A larger concentration implies a larger average number of
molecules within the detection volume, so that the amplitude of intensity fluctuations due
to diffusing molecule entering or leaving the volume become smaller. Therefore, the ACF
amplitude is inversely proportional to the concentration of fluorophores in solution, i.e. to
the average number of fluorescent molecules in the detection volume. Thus, FCS can be
utilized for both quantifying the diffusion and the absolute concentration of fluorescent
molecules in a solution. On shorter time-scales (microseconds), the temporal behavior
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Figure 2.7: A typical FCS experiment. Fluorophores (blue circles in left panel)
diffuse in and out of a small detection volume (yellow region in left box). Due
to the constantly varying number of molecules within the detection volume, the
recorded fluorescence intensity exhibits strong fluctuations (middle panel). The
right hand graph demonstrates the anatomy of a typical autocorrelation function
(ACF) measured on Atto 655 in aqueous solution. Data is shown by red circles,
an offset which stems form physically uncorrelated photon pairs is shown in blue.
The ACF decays due to translational diffusion of the dye molecules. A fit of
this diffusion-related decay is shown as a green solid line. The yellow and cyan
solid lines depict correlation decays due to triplet state photophysics (transitions
from the fluorescent state to a non-fluorescent triplet state) on a time-scale of
microseconds.
of an ACF can be influenced by other processes, such as molecular photophysics or fast
conformational fluctuations (as in PET-FCS in flexible polymers). On the nanosecond
timescale, the ACF is characterized by so-called photon anti-bunching. This photon-
antibunching, which is an anti-correlation at nanoseconds lag time, is due to the fact that
a molecule can emit on average only one single photon during its fluorescence lifetime.
This, for lag times approaching the fluorescence lifetime, one observes a characteristic
anti-correlation with a lag-time behavior determined by the lifetime value. Finally, when
performing FCS experiments with polarized excitation and/or detection, rotational dif-
fusion of the fluorescent molecules will lead to non-trivial temporal correlations on time
scales form nano- to microseconds, depending on the size of the fluorophores.
Due to its simplicity, FCS has found broad applications in physics, physical chemistry, and
the life sciences, for instance for studying protein interactions [81], biomolecular confor-
mational dynamics [82], cis-trans isomerizations [83], or chemical kinetics [84]. Excellent
reviews on FCS can be found in refs. [85–90].
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An advanced variant of the classical single-focus FCS was introduced in 2007, known as
dual-focus FCS [91]. This method is used for precise and absolute measurements of diffu-
sion coefficients. Unlike classical FCS, dual-focus FCS is insensitive to all kinds of optical
aberrations such as caused by optical saturation, refractive index mismatch, cover-slip
thickness variations, or optical imperfections of the used microscope [92–94]. Another
important extension of classical FCS that should be mentioned here is dual-color fluores-
cence cross-correlation spectroscopy (FCCS). In FCCS, one records the fluorescence from
two spectrally distinct fluorescent species in two detection channels, and then calculates
not only the ACFs for each species, but also the cross-correlation between species. This
can then be used to study protein-protein interactions, such as dimerizations, or enzyme
kinetics [95–97]. In chapter 5, I present a publication where we have used both FCCS
and dual-focus FCS to investigate the structure and dynamics of a protein.
In the next paragraph, I will detail another powerful extension of FCS, known as flu-
orescence lifetime correlation spectroscopy or FLCS. FLCS or lifetime-specific FCS is
an integral part of this thesis, which I have utilized to investigate rapid conformational
dynamics in an autofluorescent protein, which manifests itself by characteristic lifetime
fluctuations.
2.4.2 Fluorescence lifetime correlation spectroscopy (FLCS)
FLCS is an extension of the core idea of FCS, but exploiting fluctuations of the flu-
orescence lifetime. It is similar to FCCS which looks at the correlation between two
different spectral channels, but using different fluorescence lifetime states instead of dif-
ferent emission colors [37]. Thus, the core idea of FLCS is to perform cross-correlations
between fluorescence signals having distinct lifetime rather than spectral signatures. In
experimental terms, it is based on an upgrade of FCS with fluorescence lifetime mea-
surements [98]. Fluorescence lifetime determination can be done by measuring the time
it takes for the fluorescence intensity to reach 1/e of its initial value I0 at time t = 0
after excitation with a short pulse of light. Mainly two experimental methods exist for
determining the fluorescence lifetime, time-correlated single photon-counting (TCSPC)
[99], and the phase fluorometry [100]. In the phase fluorometry, a sample is excited by
light with sinusoidally modulated intensity. The resulting fluorescence emission of the
sample directly follows the excitation modulation (thus showing the same modulation
frequency). Since the fluorescence lifetime has a finite value, the emission modulation is
delayed in phase with respect to the the excitation modulation. Thus, from the phase
delay one can directly calculate the value of the fluorescence lifetime. However, phase
fluorometry is not suitable for fluorescence lifetime measurements at the single molecule
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Figure 2.8: The figure visualizes the time-tagged time-resolved (TTTR) count-
ing scheme. Timing of single-photon detection events is done on two different
timescales. On a pico- to nanosecond time-scale, the detection time of each pho-
ton (yellow circle) is recorded with respect to the preceding laser pulse (so-called
micro-time τk). If one histograms these micro-times, a TCSPC decay histogram is
obtained (shown in Figure 2.9, panel A) having a bin width determined by the dis-
crete temporal resolution of the detection system. The macro-time tk records the
absolute arrival times of photons on a time-scale with a temporal resolution equal
to the laser pulse repetition period. From both time tags, the absolute detection
time with an overall temporal resolution of picoseconds can be reconstructed.
level, for which TCSPC is the method of choice. TCSPC is a ”stop-watch” method based
on the ability of detecting and counting single photons. TCSPC was made possible by
the emergence of single-photon sensitive detectors and the development of pulsed lasers.
In TCSPC, a sample is excited with a high-repetition short-pulse laser, and the excited
fluorescence is measured via single-photon counting (Geiger detection mode). Measuring
the short delay times between excitation pulse and detected fluorescence photons require
high-speed counting electronics with picosecond temporal resolution. By recording a large
number of photon excitation-detection events, a TCSPC histogram is gradually recorded
which presents statistics of detecting a photon with a given delay time after pulsed laser
excitation. The exponential decay of this histogram over time then yields the fluores-
cence decay time. In TCSPC, each single photon detection are assigned two time tags,
one is the micro-time (τ) and the other macro-time (t). The micro-time has a temporal
resolution of a few picoseconds, while the macro-time has a temporal resolution equal
to the laser pulse repetition period. This mode of photon timing is called time-tagged
time-resolved (TTTR) counting. Details of instrumentation and operation have can be
found in refs. [98, 101]. A schematic of the TTTR counting mode is shown in Figure 2.8.
In practice, FLCS measurements are similar to classical FCS, involving one excitation
source and one single detection volume. FLCS exploits the fact that two or more emitters
in the same spectral range can be distinguished on the basis of their fluorescence lifetimes.
In FLCS, one calculates auto-and cross-correlation functions by weighing recorded pho-
tons according to the their detection times on the nanosecond time scale after exciting
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Figure 2.9: Working principle of FLCS. A. Total TCSPC curve of a mixture
of species A and B (green), and individual TCSPC curves of each component
A (blue) and B (red). B. Lifetime-specific filter functions calculated from the
component-specific TCSPC histograms shown in A. Note that the filter function
is positive for the shorter lifetime component for the first few nanoseconds, while
it is positive for the longer component at longer decay times. C. ACF obtained
with conventional FCS containing contributions from both the components A and
B. D. Separate ACFs calculated for each component A and B by weighing the
photons based on their arrival times with the filter functions shown in B.
with laser pulses (fluorescence lifetime timescale) [102, 103]. Figure 2.9 outlines the work-
ing principle of FLCS. FLCS has been utilized for investigating DNA compaction [104],
proton transfer reactions[105], for membrane studies (in conjugation with STED) [106].
In my work, FLCS was a core technique that I have used as an advanced spectroscopic
tool to quantify rapid photophysical transitions in the fluorescent protein EGFP [38]. A
detailed account of the recent progress, novel applications, and extensions of FLCS to-
gether with the just mentioned study of EGFP is provided by my publications presented
in the following chapter.
We have presented the utility of SMFS methods for quantifying fast processes down to
nanoseconds regime with single molecule sensitivity. Next, we shift our focus to fluo-
rescence microscopy, and super-resolution microscopy techniques in particular which are
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extensively used for discerning molecular architecture of biological structures with un-
precedented details.
2.5 Fluorescence microscopy
Fluorescence microscopy allows to specifically visualize biological structures and molecules
of interest. For this purpose, these structures and molecules have to be labeled with a
fluorophore (an organic dye or a fluorescent protein). In principle, the target (a protein,
DNA, cell membrane receptors etc.) is stained with a fluorescent molecule, mostly site-
specifically, and is then illuminated with light of a suitable wavelength for exciting the
label fluorescence and this to visualize structures or to follow dynamical processes in time.
In this context, it is important to note that the resolution of all conventional fluorescence
imaging modalities is limited by the diffraction of light. As mentioned earlier, Ernst Karl
Abbe was to first to state the fundamental limit of optical resolution in microscopy in
1873 [107]. He reported that the smallest possible distance d where two point emitters
can still be resolved by a microscopy is equal to half the wavelength λ of the used light
divided by the the refractive index n of the sample medium and the half-angle θ of light





The product n sin θ is called the numerical aperture (N.A.) of the the objective lens, and
it can reach values up to 1.4 - 1.6 for most advanced objective designs and large values
of n. In practice, the lateral resolution of a conventional optical microscope is ∼200 nm.
Two major classical microscopy modalities which are substantially utilized are wide-field
and confocal microscopy.
Wide-field microscopy is widely used in bio-imaging. Non-fluorescent imaging methods
where the wide-field illumination is utilized by detecting samples based on absorption
and refractive index instead of fluorescence include bright-field [108] microscopy, differen-
tial interference contrast (DIC) microscopy [109], and Zernike phase-contrast microscopy
[110]. In wide-field fluorescence microscopy, one uses a uniform illumination, but the
sample is stained with fluorophores, so that the excited fluorescence emission provides
the desired contrast for structures of interest [111]. The major drawback of wide-field
fluorescence microscopy is that it collects light from all planes, so that structures from all
positions along the optical axis contribute to the final image, leading to a strong back-
ground and preventing to obtain a three-dimensional image of a sample. A schematic of
a wide-field microscope is shown in Figure 2.10.
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Confocal microscopy [112, 113] is a technique that was specifically invented to overcome
the inability of a wide-field microscope to generate a three-dimensional image of a sample.
The method uses a laser excitation source that is focused into a diffraction-limited spot
into the sample, instead of illuminating the whole sample at once as done in wide-field
microscopy. The emission light is collected by the same objective as used for focusing
the laser light, separated from the excitation path by a dichroic mirror, and then focused
through a confocal circular pinhole with diameters ranging from ∼25 to 150 µm. Af-
ter the pinhole, the light is finally focused onto a single-point detector (for example a
photo-multiplier tube (PMT) or an avalanche photodiode (APD)). This so-called confo-
cal detection rejects most of the light coming from positions below or above the focal
plane, thus restricting detection to one specific plane of the sample. By scanning the
excitation focus and co-moving detection in three dimensions over the sample, a three-
dimensional image of a sample can be acquired. Scanning can be done either using a
galvoscanner for beam scanning, or by moving the whole sample through the stationary
focus using a piezo-mechanical translation stage (see Figure 2.10). Contrary to wide-field
illumination, in confocal microscopy the excitation laser beam is first expanded to overfill
the back aperture of the objective, so that after the objective, the light is focused into
a diffraction-limited spot. This focused illumination spot has diameters between 0.25 to
0.8 µm (depending on the N.A. of the objective), and confocal detection typically ex-
tends over a depth range of 0.5 to 1.5 µm. As already stated, the major advantage of a
confocal system is its ability to generate a three-dimensional image of a sample. Nowa-
days, confocal microscopy is the most widely used method for bio-imaging, especially in
thick samples. Comprehensive information about confocal microscopy is given in refs.
[114, 115].
Last but not least, I want to mention fluorescence lifetime imaging microscopy (FLIM).
FLIM is a powerful extension of fluorescence microscopy [116–118] which allows not only
to obtain fluorescence intensity images, but also to measure the fluorescence lifetime
in a spatially resolved manner. In a FLIM image, one uses the fluorescence lifetime
in a similar manner as emission color in a multi-color detection microscope. Since the
fluorescence lifetime is independent of fluorophore concentration, absorption, thickness of
sample, or photobleaching, FLIM is much more robust to variations in these parameters
than intensity-based microscopy.
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Figure 2.10: Left panel shows a wide-field epi-fluorescence microscope. Exci-
tation light is shown in blue, and it is reflected by a dichroic mirror towards the
objective lens for sample wide-field illumination. Fluorescence emission (shown
in green) is collected by the same objective (epi-fluorescence setup) and focused
onto a camera using a tube lens. The right panel visualizes a confocal microscope.
In contrast to wide-field excitation and detection, here fluorescence is excited by
a focused laser beam and collected fluorescence light is send through a confocal
pinhole that rejects out-of-focus light, letting pass to the detector only emission
from the focal plane.
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2.6 Super-resolution fluorescence microscopy
2.6.1 Diffraction barrier of optical resolution
The diffraction limit of optical resolution is due to the wave nature of light. When light
from a single point source is imaged by a microscope onto the image plane, the resulting
image is a spot of finite size, the diameter of which is determined by the interference
of the converging light. This spot size determines the theoretical resolution limit of the
imaging microscope. This image of an ideal point source is also called the point-spread
function (PSF), and the image of an arbitrary sample is given by the convolution of this
PSF with the distribution of fluorescent labels in the sample (weighted with the appro-
priate label fluorescence brightness) [119]. The shape of the PSF exhibits a characteristic
ring structure surrounding a central peak, which is known as Airy pattern [120]. The
size of this pattern, and thus the spatial resolution of the microscope, scales linearly with
the wavelength of the used light, and inversely with the numerical aperture of the used
objective. Thus, to increase the spatial resolution of imaging, one can either use light
of shorter wavelengths, or an objective with larger N.A. But both options have some
fundamental limits. An additional but more complex way to increase resolution is to
combine non-uniform so-called structured illumination with wide-field detection. This
is realized by structured illumination microscopy (SIM) [121] and image scanning mi-
croscopy (ISM) [122, 123], which both double the resolution of a conventional wide-field
or confocal microscope.
A completely new way to increase the spatial resolution beyond the diffraction limit is
provided by the recently modalities of super-resolution microscopy, which will be the topic
the next section.
2.6.2 Super-resolution imaging techniques
The first real far-field super-resolution microscopy (in the sense of actually “breaking”
the diffraction limit of resolution) was stimulated emission depletion or STED microscopy
developed by S.W. Hell in 1994 [3]. As the name already says, STED microscopy is based
on stimulated emission, i.e. the forced transition of an excited fluorescent molecule to its
ground state by an external strong light source of suitable wavelength. The brilliant idea
behind STED is to first bring fluorescent molecules into their excited state by a tightly
focused laser spot (as done in conventional confocal microscopy), but then to de-excite
some of them via stimulated emission with a donut-shaped intensity distribution around
the central focus. This leaves only molecules in a very compressed region around the focus
CHAPTER 2. BACKGROUND AND SCOPE 24
center in their excited state, and only these molecule then contribute to the fluorescence
signal recorded at this focus position [3], see Figure 2.9. By scanning the sample with
such a configuration, one obtains a scan image with a spatial resolution which is solely
determined by the power of the stimulated-emission donut beam. Donut-shaped beams
can be generated by appropriate phase masks.
Figure 2.11: The underlying principle of STED microscopy. Top panel illus-
trates the effective point spread function (PSF) of a STED microscope. The ex-
citation PSF (green) overlaps with a donut-shaped STED laser focus (red) which
generates the effective PSF. The STED beam is used to deplete excited molecules
in regions around the central excitation focus. A Jablonski scheme showing exci-
tation together with spontaneous and stimulated emission is depicted in the panel
below.







which is an extension of Abbe’s equation. Here, I is the peak intensity (photon flux per
unit area) of the donut beam and Isat = (σ × τ)−1 is the intensity at which a fraction of
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1/e of the excited molecules is forced down to their ground state, where σ is the absorp-
tion cross-section for stimulated emission, and τ is the lifetime of the first singlet state.
Although STED microscopy can be used with some photostable mutants of fluorescent
proteins to achieve a resolution of ∼50 nm , its major drawback is the requirement of very
high illumination intensities for efficient stimulated emission, due to the short lifetime of
the first excited singlet state of a few nanoseconds. These high excitation intensities
are often photo-toxic for living cells, thus limiting the application of the method. Nev-
ertheless, STED has been successfully implemented for video-rate imaging (28 Hz) in
combination with fast laser scanners at small areas of synaptic vesicles [124]. Multiple
applications of STED have been reported and many excellent reviews on the method can
be found in scientific literature [106, 125–127]. A recent development by S.W. Hell and
colleagues is MINFLUX [128, 129], where the position of a fluorophore is determined by
asynchronously scanning a donut-shaped excitation beam over the molecule, which allows
for its extremely precise localization ( 1 nm) with minimal photon fluxes.
A completely alternative approach to super-resolution microscopy is represented by the
large class of methods based on single molecule localization. It emerged over the last ∼15
years and is comprised under the name single molecule localization microscopy (SMLM).
It relies on switching of fluorophores between a dark and a fluorescent state. This switch-
ing is used to separate the fluorophores in time and then to localized them with high
precision individually. By thus recording the super-resolved positions of ideally all fluo-
rophores across a sample, a super-resolved image is finally generated. The general idea
of SMLM is presented in Figure 2.10. Several variants of SMLM exist, and the first ones
were photoactivated localization microscopy (PALM) [7] and stochastic optical recon-
struction microscopy (STORM) [8] developed by E. Betzig and X. Zhuang, respectively.
Later developments are fluorescence PALM (fPALM) [130], direct STORM (dSTORM)
[9], or point accumulation for imaging in nanoscale topography (PAINT) [10, 131].
The achievable spatial resolution of these methods is determined by the accuracy of find-
ing the center position of a single molecule’s image, quantified by the standard error of
the fitted position. This accuracy can be pushed towards ever smaller values by recording
more photons and by reducing noise. In the ideal case of a background-free shot-noise lim-
ited measurement, and neglecting detector pixelation effects, the error ∆x of determining





where σ is the standard deviation of the point-spread function (PSF), and N is the
number of collected photons.
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Figure 2.12: Principle of single molecule localization-based super-resolution
microscopy. A fluorophore is switched between ’on’ and ’off’ states or irreversibly
from ’off’ to ’on’ state. One records consecutive frames with different sub-set
of molecules switched into a fluorescent on-state such that in each image the
fluorescing molecules are spatially separated. In a subsequent step, images of
individual molecules are identified and localized with high precision.
In PALM, a photo-activable fluorescent protein (PA-FP) is used for tagging structure(s)
of interest. The experimental procedure is similar to the one described above, with the
only difference that the fluorophores is not reversibly switched between bright and dark
states but only switched on once and then ideally bleached in one step. Common examples
of PA-FPs used for PALM are the fluorescent proteins PA-GFP, Dronpa, Kaede, EosFP,
PA-mcherry etc. [7, 132, 133]. PALM finds its most applications in imaging of fixed
samples, or for counting molecules in clusters and complexes [134]. Additionally, it is
an useful tool for single-particle tracking experiments in living cells [135]. However, a
drawback of PALM is the scarcity of photo-activable bright FPs, limiting its wide range
of applications.
STORM is based on switching a fluorophore between ’on’ and ’off’ states in a controlled
and reversible manner by using light of various wavelengths. The technique was first
demonstrated by Xiaowei Zhuang and co-workers for Cy5-Cy3 dye pair which behaved as
a photo-switching single molecule. In that case, a red laser was used for both fluorescence
excitation and switching Cy5 into a dark state, while a green laser light was used to bring
the dye back from its dark state to a fluorescent (this was assisted by the presence of
the Cy3) [8]. STORM has been i.a. utilized for imaging telomeric loops [136], actin in
axons [137], synapses [138] any many more. Both PALM and STORM achieve a typical
lateral resolution of ∼20-25 nm. Direct STORM or dSTORM was developed by Markus
Sauer and colleagues [9, 139, 140]. The term ’direct’ in dSTORM is used because the
method does not require a second dye to be in vicinity of the fluorophore. The fluo-
rophore is directly switched between fluorescent ’on’ and ’off’ states using laser light of
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suitable wavelength. Cyanine dyes (for example Cy5, Alexa fluor 647) are favorably used
in dSTORM. Proof-of-concept dSTORM experiments were done by imaging actin fila-
ments and microtubules, attaining a resolution of 21 nm. Apart from cyanine derivatives
with long-lived off-states, dSTORM has been extended for other standard organic fluo-
rophores such as oxazine and rhodamine derivatives by stabilization of dark states using
oxygen scavenging systems, because triplet states of such dyes can be utilized as off-states
if oxygen is efficiently removed. As was known previously, oxazine and rhodamine dyes
are quenched by electron donors such as the amino acid tryptophan. Following this idea,
it was realized that thiol-containing reducing compounds such as b-mercaptoethylamine
(MEA), dithiothreitol (DTT), or glutathione (GSH), that is substances with slightly lower
redox potential than aromatic amines, can be effectively used to quench the triplet states
of many Alexa Fluor and Atto dyes. The pH of the solvent governs the quenching ef-
ficiency since most thiols (-RSH) have a pKa,SH of 8-9 and the reducing species is the
thiolate anion (RS). The triplet state, having a longer lifetime than the first excited single
state is even quenched at pH 7-8, at lower RS concentrations. Efficient quenching of the
triplet state under physiological conditions requires 10-100 mM of thiol. dSTORM has
found wide applications in super-resolution imaging of biological structures, see for ex-
ample refs. [139, 141–143]. The most further development of dSTORM is its combination
with lattice light-sheet microscopy for whole-cell imaging of plasma membrane receptors
[144].
PAINT is based on the reversible binding of freely diffusing fluorophores to suitable
functionalized target sites on structures of interest [10]. While diffusing in solution, fluo-
rophores generate only a broad background in an recorded image but are not identified or
localized as single molecules. As soon as they bind to an immobile target structure, they
are discernible as bright immobile single molecules and can thus be localized in a similar
way as is done in PALM or (d)STORM. Binding can be due to various interactions, such
as hydrophobic, electrostatic etc. The binding and unbinding rates can be regulated via
free fluorophore concentration and modulating binding affinity. An advanced variant of
PAINT is DNA-PAINT, which relies upon the binding and unbinding of dye-tagged (’im-
ager’) oligonucleotides to complementary target (’docking’) strands attached to a target
of interest [131]. Due to the continuous replenishment of fluorophores, photobleaching
problems as present in PAINT or dSTORM are circumvented and one can, in principle,
record an unlimited number of single fluorophore localizations, leading to molecular-scale
spatial resolution (sub ∼5 nm). Furthermore, DNA-PAINT allows for principally unlim-
ited multiplexing, and for molecule counting with high precision [145–147].
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2.7 Axial localization of fluorophores
In classical laser-scanning confocal microscopy, the lateral resolution is ca. 2-5 times bet-
ter than the axial resolution (along the optical axis). For example, the spatial resolution
along the optical axis of a confocal microscope is on the order of ∼500 nm for light in the
visible spectrum. Remarkably, this difference in lateral and axial resolution remains also
for most of the above-mentioned super-resolution methods. For SMLM, the most popu-
lar approaches to localize single molecules also along the optical axis (and thus realizing
true three-dimensional super-resolution microscopy) are astigmatic imaging [15], bi-plane
imaging [16], and wavefront shaping [148].
Astigmatic imaging was one of the first methods for achieving three-dimensional super-
resolution in SMLM. For doing that, a cylindrical lens is placed in the imaging path
for generating two focal planes differing slightly for the x and y directions [15, 149].
This results in a generally elliptic PSF, where its orientation and ellipticity code for a
fluorophore’s axial position along the optical axis. These raw images are fitted with a
two-dimensional Gaussian to extract the x and y coordinates of the peak position as well
as the principal axes of the elliptic PSF which determines a fluorophore’s z coordinate. 3D
STORM imaging using astigmatism achieved a resolution of 50 to 60 nm along the optical
axis while the lateral resolution was 20 to 30 nm. As an altertnative to astigmatic imaging,
bi-plane fPALM (BP fPALM) was introduced for three-dimensional imaging of samples
having a depth of several micrometers [16]. In the bi-plane detection scheme, the emission
light is divided in front of the camera using 50:50 beam splitter cube. The reflected light
i.e. the longer path is redirected back towards the camera. The transmitted and reflected
beams form images at different regions of the detector which correspond to object planes
350 nm away and closer to the objective lens than the actual object, respectively. In
the data analysis workflow, fluorescence signal originating from two regions are combined
into a 3D raw data stack which comprises two planes. Following this, each data set is
fitted with an experimentally obtained 3D PSF consisting of pixels neighboring to each
detected fluorophore molecule, hence determining its x, y and z coordinates. Using BP
fPALM, axial resolutions of 75 nm and a lateral resolutions of 30 nm could be attained.
As a third approach, wavefront shaping was developed by W.E. Moerner and colleagues.
It exploits the so-called PSF engineering for realizing three-dimensional super-resolution
fluorescence imaging [17]. Using a special phase mask in the conjugate Fourier plane of
the detection channel, a double-helix PSF (DH-PSF) is generated [148]. Due to this DH-
PSF, a single fluorophore appears on the detector as two closely placed lobes. These lobes
are fitted with two Gaussian functions. Localizations along x and y are obtained from
the central point (x,y) of two lobes while the z-position is determined via the angle of the
axis connecting the lobes. In all these approaches, the axial localization accuracy remains
CHAPTER 2. BACKGROUND AND SCOPE 29
2-5 times worse than the lateral localization accuracy. Some exceptions to this rule are
interferometric methods such as interferometric PALM (iPALM) [18, 19] or isoSTED
[20, 21], but their elevated technical complexity limits their broad application.
FRET can be also efficiently utilized for distance measurements. As described earlier,
FRET relies on excited-state energy transfer from a donor fluorophore to an acceptor
fluorophore. However, the nature of the dipole-dipole interaction limits the working
range of FRET to ca. 10 nm. In this range, FRET has been successfully utilized for
quantification of intra-molecular distances and for investigating conformational dynamics
in biomolecules [26, 28]. However, FRET requires double labeling of a sample and cannot
directly used for localizing a single object in space.
However, the physics of FRET (near-field coupling of an excited fluorophore to a nearby
absorber) is closely realted to two other techniques that have been successfully used
for axial super-resolution: variable angle total internal reflection microscopy (va-TIRFM)
[150], and super-critical angle fluorescence (SAF) imaging [151–153]. Both these methods
are based on near-field effects of the electromagnetic field.
In total internal reflection microscopy (TIRFM), one generates via total internal reflection
(TIR) an exponentially decaying (with distance to a surface) light intensity above a glass
surface which is used to excite fluorophores in close vicinity to this surface. The minimum
incidence angle at which TIR occurs (TIR angle) can be found with Snell’s law
n1 sin θ1 = n2 sin θ2 (2.9)
where n1 and n2 are the refractive indices of the two materials on both side of a planar
interface, and θ1 and θ2 are the incidence and refracted angles (with respect to the in-
terface normal) of plane a wave moving through the interface. If one sets the angle of





For a glass/water interface, the value of θc is 48.6
◦. For all incidence angles larger than
θc, light is entirely reflected back into the first medium (1), and the second medium (2),
the light intensity falls off exponentially with the distance from the interface (evanescent
field). The penetration depth of this evanescent field can be as large as a few hundred
nanometers for incidence angles slightly above the critical TIR angle. Within this range,
fluorophores can be efficiently excited by the evanescent light field, leading to a highly
confined excitation zone close to the cover-slip surface. The major advantage of confining
the excitation of fluorophores in this way is that one obtains a much higher signal-to-noise
ratio as compared to classical wide-field illumination.
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Variable angle TIRFM (va-TIRFM) is based on exciting a fluorescently labeled sample
using light at various incidence angles. Consequently, the distance over which the evanes-
cent field decays is altered, hence also the fluorescence intensity. The underlying core idea
is that one can use the ratio of the observed fluorescence intensities measured at different
incidence angles of excitation light to calculate the distance of the fluorescent emitters
from the surface. This can be done with nanometric localization precision. The method
has found multiple applications especially for investigations of cellular topography [154],
for quantifying the axial motion of secretory granules in the ventral side of living cells
[155], and for measuring distances between a cellular membrane and a substrate at focal
adhesion points [156].
Super-critical angle fluorescence or SAF imaging involves splitting of fluorescence emission
light into two channels corresponding to light emitted above and below the so-called
critical angle of fluorescence emission [153]. The core physical idea is that if an an
emitter far away from above a glass surface is observed from the glass side, it does not
emit any light into angles above the TIR angle. However, if the emitter comes close to
the surface, near-field components of its dipole emission can couple into angles above this
TIR angle, and the corresponding emission is called super-critical fluorescence. The ratio
between the fluorescence intensities (“classical” and super-critical) of the two channels
can be utilized to calculate the axial distance of the emitter from the surface. This is due
to the fact that the SAF contribution continuously increases with decreasing distance
of the fluorescent from the water-glass interface. SAF imaging has been successfully
implemented both with wide-field and with confocal microscopes [157, 158].
Similar to the above mentioned methods, va-TIRFM and SAF imaging, metal-induced
energy transfer (MIET) does also exploit near-field effects for axial localization of flu-
orescent emitters. The method was developed and introduced recently by our research
group [22] for axial localization of fluorophores with nanometer accuracy. This method
was then further developed and modified with using a graphene monolayer instead of
a metal, allowing for axial resolutions down to sub-nanometers, which represents an al-
most tenfold resolution improvement over all other methods. This variant of MIET was
introduced as “graphene-based metal-induced energy transfer” (GMIET) [24], but later
renamed as graphene-induced energy transfer (GIET). I was predominantly involved in
the development of GIET during most of the time of this thesis, and my thesis will mostly
focus on GIET and MIET. In the following paragraphs, I will briefly introduce the basic
concepts of MIET and GIET.
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2.7.1 Metal-induced energy transfer (MIET)
MIET imaging was developed as a spectroscopy-inspired method for nanometer-precise
optical localization of fluorophores along the optical axis [22, 159]. MIET relies on the
optical near-field mediated energy transfer from an optically excited fluorescent molecule
(donor) to a thin planar metal film of ∼10-15 nm thickness (Figure 2.11). This energy
transfer leads to a shortening of the excited state lifetime of the fluorophore which can
be experimentally measured as a reduction of the fluorescence lifetime. Because the
efficiency of the near-field mediated energy transfer is extremely distance-dependent (dis-
tance between fluorophore and metal layer), a measured lifetime value can be converted
into a distance value. This is similar to Förster resonance energy transfer (FRET) where
the energy transfer happens between a donor and an acceptor molecule. However, in
contrast to FRET, the interaction range of MIET, i.e. the range over which one can
efficiently measure an energy transfer and thus localize a molecule is more than 10 times
larger (150-200 nm). For converting a measured fluorescence lifetime value into an ax-
Figure 2.13: Working principle of MIET and GIET. A. The substrate consists of
titan/gold/titan multilayer or a single graphene sheet on a glass coverslip, covered
by a protecting silica layer (not shown). A fluorescent molecule within a range of
up to ca. 150-200 nm (for metal) or 25-30 nm (for graphene) can electromagnet-
ically couple to the metal or graphene layer which leads to a distance-dependent
quenching of its fluorescence. B. Fluorescence lifetime as a function of distance
of a molecule from the surface of a silica spacer (5 nm thickness) deposited on
gold (blue) or graphene (red) layer. Calculations were performed for an emission
wavelength of 680 nm. The refractive index of the upper medium was set to 1.33
(water), and the refractive index of glass was set to 1.52.
ial distance value, one needs to calculate a priori a calibration curve which is done by
solving Maxwell’s equation for the electric dipole emitter (fluorophore) above the metal
or graphene covered glass substrate [160]. The achievable localization accuracy depends
on the accuracy of the lifetime determination which, in turn, is inversely related to the
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square root of the number of photons recorded (similar to the localization accuracy in
SMLM). The first application of MIET for biological imaging was the mapping of the
basal membrane of living cells with nanometer accuracy [22]. For this purpose, three
candidate cell lines were chosen: MDA-MB-231 human mammary gland adenocarcinoma
cells and A549 human lung carcinoma cells, both used as metastasis in vivo models, and
MDCK-II from canine kidney tissue as a benign epithelial cell line. In this work, sig-
nificant differences in cell-substrate distance were observed between a normal epithelial
cell and cancerous cell lines. MIET was also utilized to monitor cell-interface distance of
NMuMG cells during epithelial-to-mesenchymal transition (EMT) [161]. Following this,
dual-color MIET was developed and used to reconstruct the three-dimensional profile of
the nuclear envelope over the complete basal area of HeLa cells [162]. In this work, axial
distances between two representative proteins, Lap2β and Nup358, present in the nuclear
envelope and the nuclear pore complex, respectively, were measured. Dual-color MIET
was also combined with FRET for looking at adhesion points and cytoskeletal elements in
human mesenchymal cells. While MIET was used to resolve nanometric structural details
along the optical axis, FRET was employed for quantifying distances between actin and
vinculin at focal adhesions [163]. At the single molecule level, MIET allowed localizations
of immobilized dye molecules deposited on dielectric spacers of known thickness with an
axial resolution of ∼2.5 nm [159]. Single molecule MIET (smMIET) was extended for
axial co-localization of two dye molecules on a DNA origami pillar [164].
2.7.2 Graphene-induced energy transfer (GIET)
A further boost in axial resolution was achieved with the development of GIET where
the metal layer of MIET is replaced with a single sheet of graphene. This allowed for
improving the axial resolution by nearly ten-fold [24]. The price to pay is the ten-fold
reduced working range of GIET which is ∼25 nm from the surface of the graphene (Figure
2.11). GIET was shown to be able to localize single emitters with nanometer accuracy, and
to measure inter-leaflet distances in supported lipid bilayers (SLBs). To my knowledge,
this cannot be easily done with other existing fluorescence nanoscopy techniques. A
detailed overview of GIET, its theory, development and experimental applications can be




3.1 Manuscript: Quantifying microsecond transition
times using fluorescence lifetime correlation spec-
troscopy
Autofluorescent proteins represent a class of fluorescent emitters which frequently man-
ifest more than one emission state leading to rapid fluctuations in their excited-state
lifetime. In this manuscript [38], we quantify microsecond transition rates between two
fluorescent states of EGFP, which have otherwise overlapping spectra. These fast transi-
tions can be related to an angstrom-scale rotational isomerism of an amino acid residue
next to the chromophore center. With this study, we demonstrate the power of FLCS for
probing photophysical dynamics of complex luminescent systems which cannot be easily
done with other existing methods.
The original research article entitled ”Arindam Ghosh, Sebastian Isbaner, Manoel
Veiga-Gutiérrez, Ingo Gregor, Jörg Enderlein, and Narain Karedla. Quantifying microsec-
ond transition times using fluorescence lifetime correlation spectroscopy. The journal of
physical chemistry letters, 8(24):6022-6028, 2017 ” was published. Arindam Ghosh (A.G.)
performed all FLCS experiments, co-wrote the manuscript and assisted in data analysis.
Reproduced with permission, copyright 2017 American Chemical Society.
The published research article is currently available at https://pubs.acs.org/doi/10.
1021/acs.jpclett.7b02707.
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Quantifying Microsecond Transition Times Using Fluorescence
Lifetime Correlation Spectroscopy
Arindam Ghosh,† Sebastian Isbaner,† Manoel Veiga-Gutieŕrez,‡ Ingo Gregor,† Jörg Enderlein,†
and Narain Karedla*,†
†III. Institute of Physics, Georg August University, 37077 Göttingen, Germany
‡PicoQuant GmbH, 12489 Berlin, Germany
*S Supporting Information
ABSTRACT: Many complex luminescent emitters such as fluorescent proteins exhibit
multiple emitting states that result in rapid fluctuations of their excited-state lifetime. Here, we
apply fluorescence lifetime correlation spectroscopy (FLCS) to resolve the photophysical state
dynamics of the prototypical fluorescence protein enhanced green fluorescent protein (EGFP).
We quantify the microsecond transition rates between its two fluorescent states, which have
otherwise highly overlapping emission spectra. We relate these transitions to a room-
temperature angstrom-scale rotational isomerism of an amino acid next to its fluorescent
center. With this study, we demonstrate the power of FLCS for studying the rapid transition
dynamics of a broad range of light-emitting systems with complex multistate photophysics,
which cannot be easily done by other methods.
S ingle-molecule spectroscopy has developed into anexperimental cornerstone for investigating dynamic con-
formational fluctuations and nanoscale sensing, in particular,
nanomechanical motions.1−7 The core basis of these
applications is the exceptional sensitivity of many photophysical
properties of single molecules, such as fluorescence intensity,
excitation/emission spectra, and excited-state lifetime (τfl ≈
10−9 s), to their local environment. Most widely used
approaches include resolving spectral heterogeneity and
intensity fluctuations of fluorescent probe molecules at
cryogenic temperatures in condensed matter.8−12 However, at
room temperature, thermally induced broadening of spectral
lines often masks the impact of local environment fluctuations
on single-molecule spectra. In such cases, measuring the
excited-state lifetime can provide an alternative approach. In
particular, the excited-state lifetime of a fluorescent emitter is
determined by (i) the radiative dipole emission that depends on
the local electric field; (ii) nonradiative transitions due to
vibrational couplings to and collisions with surrounding
molecules; and (iii) near-field coupling of the radiating dipole
to surface plasmons or another dipole emitter (Förster
resonance energy transfer). Thus, measuring fluorescence
lifetime fluctuations can provide deep information about the
local environment around a fluorescent molecule and changes
thereof.
In most single-molecule experiments, the fluorescence
lifetime is measured by time-correlated single-photon counting
(TCSPC). In TCSPC, a molecule is repetitively excited by a
train of short laser pulses, and the time delays between emitted
photons and the exciting pulses are measured and histo-
grammed. However, typical single-molecule photon detection
rates are on the order of ∼103 to ∼104 Hz. This severely limits
the temporal resolution of measuring lifetime f luctuations.13 In
this Letter, we explore the potential of fluorescence lifetime
correlation spectroscopy (FLCS) to resolve submicrosecond
temporal fluctuations of fluorescence lifetimes at the single-
molecule level. The core principle of FLCS is a statistical
unmixing of the fluorescence signal from a mixture of molecular
species with different fluorescence lifetimes.14 So far, FLCS has
been successfully applied to separate intensity fluctuations from
a mixture of dye species with different lifetimes.15−18 In a
similar vein, it was used for separating populations of the same
dye that show different lifetimes for different locations.19,20
Another technical application was separating detector after-
pulsing and background scattering from the actual fluorescence
of a dye solution.21,22 Here, we apply FLCS for monitoring
rapid conformational isomerization in the prototypical
enhanced green fluorescent protein (EGFP).
In a fluorescent protein, the chromophore is tightly enclosed
by an ordered arrangement of amino acids and water molecules.
Partial charges on the surrounding atoms influence the
chromophore through noncovalent interactions such as hydro-
gen bonding, π−π stacking, or electrostatic repulsions.23−28
Therefore, rotations/rearrangements of neighboring amino
acids will modulate the photophysical properties of the
chromophore. Multiple amino acid conformations close to
the chromophore have been observed in X-ray crystal structures
for several fluorescent proteins.29−32 At room temperature,
such conformational fluctuations might not be resolvable from
their spectra. To date, only a few studies have been performed
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at low temperatures using hole-burning spectroscopy to resolve
the spectral shifts due to such conformational changes.33,34
However, at room temperature, the presence of multi-
exponential fluorescence decays in various intrinsically
fluorescent proteins such as citrine, CFP, ECFP, and dsRED
has been reported in several articles.32,35−37 These studies
attribute the multiexponential decay to local charge density
fluctuations in the close vicinity of the chromophore, to
rearrangements of putative hydrogen bonds, or to the
interaction of an ATP molecule via an amino acid with the
chromophore. Our work now focuses on the dynamic
transitions between different lifetime states, which allows us
to reconstruct the transition rate landscape of the conforma-
tional fluctuations around the chromophore of EGFP.
Briefly, a nanomolar solution of EGFP was excited, in a
confocal microscope, with a pulsed diode laser (λexc = 485 nm,
pulse duration ≈ 50 ps fwhm, repetition rate = 40 MHz). The
laser was passed through a cleanup filter (BrightLine FF01-
488/10, Semrock) and quarter-wave plate (AQWP05M-600,
Thorlabs) to achieve a circularly polarized light, as shown in
Figure 1a. The excited fluorescence light was split using a 50:50
nonpolarizing beamsplitter and detected with two single-
photon avalanche diodes. Details of the experimental setup of
our confocal single-molecule spectrometer are described
elsewhere.38 The observed fluorescence decay of EGFP can
be well fitted with a biexponential decay model (Figure 1b)
with decay constants of 2.0(1) and 3.1(2) ns. The two
monoexponential components of this biexponential decay were
next used to obtain the filter functions for calculating lifetime-
specific fluorescence correlation curves. This yields two
autocorrelation curves (one for each lifetime) and two cross-
correlation curves (transitions between the two lifetime states),
as shown in Figure 2. The correlations were performed on a
semilogarithmic time scale with the smallest time bin equal to
the interpulse time distance of the laser (25 ns). The
anticorrelation seen in both cross-correlation curves on the
time scale of 10−7−10−6 s corresponds to microsecond
reversible switching between the two bright states. We denote
these two states as 1 and 2, corresponding to the identified
lifetime values of 2.0(1) and 3.1(2) ns, respectively. The decay
of the correlation curves on a slower time scale between 10−6
and 10−4 s reveals a reversible transition to a dark state D. At
even longer time scales, the correlation curves decay due to the
translational diffusion of EGFP molecules in and out of the
excitation focus.
The curves were fitted with two-photon correlation functions
gαβ derived from a three-state consecutive reaction model (see
the inset of Figure 2), where α and β take either the value of 1
or 2, corresponding to the two states 1 and 2 (see Supporting
Information section S.3). The fast part (time scale shorter than
Figure 1. (a) Scheme of the setup used in FLCS measurements. (b) TCSPC data showing the histogram of arrival times of photons with respect to
the excitation pulses. The data were fitted using monoexponential (red) and biexponential decay models. As can be clearly seen from the residues,
the data can only be explained using a biexponential model. The two decay constants obtained from the fitting are 2.0(1) and 3.1(2) ns, with
amplitudes of 0.26 and 0.74, respectively.
Figure 2. Calculated auto- and cross-correlations for EGFP solution
measurements at pH 6.0 with an excitation power of ∼200 kW cm−2.
The 1 → 1 and 2 → 2 denote the autocorrelations of states 1 and 2,
with τ1 = 2.0(1) ns and τ2 = 3.1(2) ns, respectively, whereas 1→ 2 and
2 → 1 represent the cross-correlations between the two species. The
curves are normalized with respect to their amplitudes at time 0.1 s
when all of the correlations have decayed completely. The fits using a
three-state model are shown as solid lines. The half-time of each
transition is listed in Table 1. Note here that the correlation amplitude
at t ≈ 0 is less than the mean of the correlation amplitudes of the
lifetime autocorrelations 1 → 1 and 2 → 2. This is mainly due to
elimination of the contributions from background photons. The top
inset shows the schematic free-energy landscape and relevant
conformational switching between the three states, and the bottom
inset represents the three-state reaction model and the rates involved.
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the diffusion time of the molecule, t ≤ 10−4 s) of the auto- and
cross-correlation functions includes the rates of conversion
between the two fluorescent states, denoted by k1→2 and k2→1,
and the transition rates between states 1 and D, denoted by
k1→d, kd→1; see the inset of Figure 2. The rationale for a three-
state consecutive reversible reaction model will be addressed
later. The resulting correlation fit function is given by
∑κ κ λ= ̂ ̂ −αβ α β α β
=








where κα and κβ are coefficients taking into account the relative
brightness of the two fluorescent states and eĵ and λj are the
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The obtained means and standard deviations of the rate
constants are k1→d = 4.3(8) × 10
4 s−1; kd→1 = 3.8(6) × 10
4 s−1;
k1→2 = 6.7(13) × 10
5 s−1; and k2→1 = 4.5(2) × 10
5 s−1. The
results show that the transition between the two lifetime states
is an order of magnitude faster than the interconversion
between states 1 and D (see Table 1). We repeated the FLCS
measurements for pH values in the range between 6.0 and 9.0
and for excitation powers from ∼4 to ∼200 kW cm−2 (see, for
example, Supporting Information Figure S4). The fitting results
show that the transition rates between the two bright states are
independent of these parameters, which rules out the possibility
that any photoisomerization (at 485 nm excitation) or
protonation/deprotonation of neighboring residues (if present)
affects the bright states of the chromophore. From the ratio of
the rates k1→2/k2→1, we obtain the state occupancy values of 1
and 2, which are 40(5) and 60(11)%, respectively.
Next, we characterized the excitation and emission spectra of
the two states based on time-resolved fluorescence experiments.
Spectrally resolved fluorescence decay curves were fitted
globally with a biexponential decay model. Figure 3 shows
the decay curves measured and the fits. The amplitudes of the
two lifetime components were obtained as a function of the
emission wavelength, as shown in Figure 3. The spectra of the
two states show two peculiarities: (i) The emission peak of 2 is
slightly red-shifted with respect to the peak of 1, with the two
emission maxima at 510 and 508 nm, respectively. (ii) The
emission spectrum of state 2 is broader than that of state 1. By
integrating the amplitudes of the two spectra, we determined
the relative intensities of the two states as 0.36(5) and 0.64(5),
respectively, as shown in Table 2.
Normalized excitation spectra (Figure 3) were obtained from
the amplitudes of biexponential fits of excitation wavelength-
specific fluorescence decays. The amplitudes were normalized
with the overall excitation spectrum to account for different
excitation intensity and in such a way that the maximum of the
sum spectrum was equal to 1. The ratio of the area under the
two spectra yields the intensity contributions of the two states,
which are 39(7) and 61(7)% for 1 and 2, respectively. As can
be seen from the figure inset, the peak for the state 1 has a
maximum at ∼490 nm, whereas the peak of state 2 is located at
∼486 nm. Thus, in contrast to the red shift in the emission
spectra, the excitation spectrum shows a blue-shifted peak of
state 2 with respect to 1 (see Table 2). It should be emphasized
Table 1. Average Switching Half-Times
transition switching time (μs)
1 → D 25(5)
D → 1 27(5)
1→ 2 1.5(3)
2 → 1 2.2(1)
Figure 3. (a) Amplitudes a1(λ) and a2(λ) of the two lifetime components obtained by globally fitting a biexponential decay model
λ = − + −λτ τ
λ
τ τ( )( ) ( )I t( , ) exp expa t a t( ) ( )1 1 1 2 2 2 to the spectrally resolved fluorescence decay data recorded in the EGFP solution at pH 9.0. (b)
Emission spectra of 1 (red) and 2 (blue). The inset shows the spectra normalized to their maximum values, and the solid lines show fitted parabolas
around the peaks. The maxima of the two parabolas are indicated with dotted lines. (c) Excitation spectra of 1 (red) and 2 (blue), respectively. The
embedded graph shows the excitation spectra of the two states normalized to their maximum values, and the dashed lines show the fitted parabolas
around the peaks.
Table 2. Spectral Properties of the Two States
state τfl (ns) rel. amp. λem (nm) λexc (nm)
1 2.0(1) 0.36(5) 508.8(2) 486.0(4)
2 3.1(2) 0.64(5) 510.3(2) 489.7(2)
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here that the excitation and emission spectra of the two states
are highly overlapping and inseparable at room temperature,
which makes the lifetime-based correlation indispensable to
quantify the transition between the two bright states.
High-resolution X-ray diffraction data29,31 of EGFP report
the existence of two different conformers of E222 in significant
populations. In one of the conformational states, the OH group
of E222 forms a strong and a weak hydrogen bond with S205
and T65 residues, respectively. A single bond rotation about the
Cγ of E222 disrupts the H-bond with S205 while strengthening
the H-bond with T65, giving rise to a second conformer (as
shown in Figure 4). This new conformation prevents ionization
of E222 owing to a stronger H-bond with T65, which, in turn,
stabilizes the anionic chromophore core p-hydroxybenzylide-
neimidazolone (HBDI−).39 Because the OH group of the T65
is rotated due to steric hindrance by the adjacent methyl group,
it prevents close contact between the Cγ of T65 and E222
carboxylate, which additionally makes the second conformation
more stable (∼70% occupancy in crystal data)29
The state occupancy values can be further explained by
considering the distance of the E222 OH group (which has a
net negative charge) to the phenyl ring of HBDI− (see Table
3). In its second conformation, this OH group rotates away
from the tyrosine in the HBDI− core, reducing the electrostatic
and steric repulsive forces. This leads to the higher state
occupancy of this conformer, so that we relate it to state 2 in
our three-state model. The existence of the two conformers of
E222 and the resultant changes in the hydrogen bonding
network result in the presence of two fluorescent states of the
HBDI− core. Further, the single bond rotation about the Cγ of
E222 changes the charge distribution around the HBDI− core,
which can result in bending of its backbone due to electrostatic
repulsion. It can also change the local static electric field seen
by the chromophore, which will lead to a change of its
photophysical properties (spectra40 and lifetime τfl, as seen in
our results).
The complete scheme is presented in Figure 4 and is closely
related to the earlier reported three-state model of wt-
GFP.33,39,41,42 It shows that state 2 can be reached from the
protonated dark state D only through the intermediate state 1.
This compels us to consider the three-state consecutive
reaction model shown in the inset of Figure 2. State 1 is
similar in structure to the intermediate state I in wt-GFP that
exhibits an emission maximum at 508 nm.41 Further,
deprotonation of HBDI essentially takes place through proton
diffusion to E222 that requires a hydrogen bond between E222
and S205, which is only feasible when E222 is in its first
conformational state, as shown in Figure 4.43 The high
occupancy of state 2 is only possible if the dynamic switching
between 2 and 1 is faster than that between 1 and D. In fact,
the rates obtained from FLCS show that the former is an order
of magnitude faster and within the error limits, and the
obtained occupancy values are in good agreement with those of
the crystal data.29 Moreover, substituting E222 by histidine in
EGFP results in monoexponential fluorescence decay with a
lifetime value of 2.85 ns, as was observed by Kirk et al.44 This
shows that the presence of the two conformers of E222 indeed
leads to the biexponential fluorescence decay in EGFP.
The transitions between the dark state D and the fluorescent
state in EGFP is known to be associated with the protonation/
deprotonation dynamics of HBDI−. Their rates were reported
earlier by Haupts et al. to be on the order of 104−105 s−1 using
conventional FCS.45 At high pH (from pH 8 to 11), they relate
the dark state transitions in the measurements to internal
protonation/deprotonation dynamics inside of the β-barrel.
However, our work finds faster transition rates independent of
the excitation powers used (∼4 to ∼200 kW cm−2). The main
reason for this discrepancy, which is more interesting in the
context of performing FLCS on such complex luminescent
Figure 4. (a) Scheme for the interconversion among the three states
D, 1, and 2. The dashed lines show the hydrogen bonds. Water 413,29
which is a main part of protonation/deprotonation channel of the
chromophore, is also shown here. The E222 resides in anionic form in
state D. The hydrogen bond of this residue in the two fluorescent
states is highlighted in cyan. The hydrogen bond between the OH of
T65 and carbonyl group of V61 is also shown here. The rotation of
this OH group reduces the steric hindrance between the Cγ (CH3
group) and E222 in state 2 and also promotes a hydrogen bond
between E222 and T65. (b) Three-dimensional view of the HBDI−
chromophore (yellow backbone) and the surrounding amino acids in
EGFP as obtained from the crystal structure 4EUL.29 The dotted lines
represent the hydrogen bonds between the polar groups (O, OH, N,
and NH) of the neighboring residues. The two rotamers of E222 are
color coded in cyan (30% occupancy) and magenta (70% occupancy).
The hydrogen bonds formed by the OH group of the two
conformations are also color coded. Table 3 presents a comparison
of the distances between the E222 OH group with the surrounding
atoms, indicating the hydrogen bonds (H).
Table 3. Distance between the E222 OH Group and the
Surrounding Atoms
state OHS205 OHT65 OY66
− Cδ1 Cϵ1
1 2.7 Å(H) 3.3 Å 5.1 Å 3.4 Å 3.3 Å
2 3.7 Å 2.7 Å(H) 6.4 Å 4.5 Å 4.3 Å
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systems, is related to the two nonzero eigenvalues of the three-
state model considered here. By introducing the relations kf =
k1→2 + k2→1 and ks = k1→d + kd→1 and making the simplifying
assumptions k1→2 ≈ k2→1, k1→d ≈ kd→1, these eigenvalues can be
written as











( ) 1 1
3





in accordance with our results. For the case that kf is
significantly larger than ks, kf ≫ ks, this expression leads to
the following approximate eigenvalues
λ λ≈ − ≈ −k k3
42 f 3 s (4)
This demonstrates that if one performs conventional FCS on a
three-state system with two bright states with distinct
brightness (κ1 ≠ κ2) and interconversion kinetics that takes
place on two significantly different time scales (k1→2 + k2→1 ≫
k1→d + kd→1), one observes two photophysical time constants: a
fast component that represents the switching between the two
bright states and a slow component that is ∼25% slower than
the relaxation time between one of the bright states and the
dark state. The situation becomes even more involved if the
protonation rate is faster than the deprotonation rate (k1→d >
kd→1), i.e., for pH values lower than the pKa of EGFP (∼5.7).
46
In that case, one underestimates the slow relaxation rate ks as
approximated by λ3 even more than by only 25%. In general,
the discussion above also holds true in the reverse situation, i.e.,
when the transition between the two bright states is
significantly slower than the transition between one of the
bright states and the dark state. In contrast, FLCS does obtain
the correct transition rate constants between all states.
Several groups have focused on measuring the excitation/
emission spectra of the different bright states of HBDI−, for
example, by performing high-resolution optical spectroscopy
and hole-burning at cryogenic temperatures on mutants of
GFP.33,34,39,42,47−49 These experiments and parallel X-ray
diffraction studies lead to an excellent understanding of the
relation between the protein’s structure and hydrogen bond
network and the optical properties of the chromophore. In
particular, the hole-burning experiments at low temperatures on
S65T mutant revealed two absorption peaks at 495 and 489
nm.34 They were related to two structures similar to states 1
and 2 in our model.48 In comparison to wt-GFP, whose only
absorption peak is at 477 nm,33 the absorption spectrum of 2 is
red-shifted. This is due to the orientation of the T65 OH group
dipole that is roughly perpendicular to the transition dipole of
the chromophore.50 In the case of state 1, the E222 residue
rotates away from the T65 OH, which in turn reduces the angle
between the OH dipole and the plane of the chromophore,
contributing to a slight blue shift. In contrast, this reorientation
results in a weakening of the hydrogen bond between the
imidazolidine ring of the chromophore and the OH group that
might lead to a red shift in its excitation spectrum. The result of
both contrasting effects leads to the observed net red shift of 1
with respect to 2. The spectral results of our experiments are
also in good agreement with a theoretical study establishing a
relation between the optical properties and the structure of
HBDI− in different states of EGFP.50 The disappearance of the
biexponential fluorescence decay following a point mutation of
E222 and the similarity of the determined excitation spectra
with those of the hole-burning experiments on S65T mutant
strongly support our three-state scheme suggested.
This work presents the first experimental measurements of
fast photophysical transitions in a molecule using FLCS. In the
case of EGFP, these transitions are driven by rotational
isomerization of an amino acid in close contact with the
chromophore. Although the resultant change in local electric
field and charge distribution around the chromophore do not
sensibly affect both emission spectra at room temperature, the
markedly different excited-state lifetimes can be used to study
the microsecond dynamics. The ability to separate lifetime-
specific intensity correlations reveals the unique potential of
FLCS as a tool to investigate such rapid transitions. This opens
up a broad range of potential applications where fluorescence
lifetime changes can be directly linked with, e.g., fluctuations in
electron transfer rates in complex biomolecules,13,51 local
density fluctuations in a polymer matrix,52 nanoscale motion of
a fluorescent molecule close to metallic structures,38,53,54 or
nanomechanical resonator motion in the quantum regime,
where one deals with oscillation frequencies in the range from
0.1 kHz to 10 MHz.55 As we have also shown, if one has not
only a simple transition between a bright and a dark state but
also rapid transitions between bright substates, conventional
FCS experiments will yield a biased estimation of the transition
rate constants. In such cases, FLCS is an indispensable tool for
estimating these rates accurately. This prompts re-evaluation of
the photophysics of complex systems that show multi-
exponential fluorescence decay. In summary, we hope that
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S1. EGFP solution preparation:
Stock solution of 1µMEGFP was dissolved in 100mM Tris-HCl with 150mMNaCl at pH 7.0.
For nal sample preparations, we used 100mM Tris-HCl with 150mM NaCl for pH values
9.0 and 7.5, whereas 1x PBS with 150mM NaCl for pH 6.0. EGFP protein from the stock
solution was diluted in these buers to nanomolar concentrations for FLCS measurements.
S2. Fluorescence Lifetime Correlation Spectroscopy
FLCS is a cross-correlation spectroscopy technique that uses uorescence lifetimes for cal-
culating auto- and cross-correlations similar to conventional dual-color Fluorescence Cross-
Correlation Spectroscopy (FCCS), that uses emission colors for discriminating between dif-
ferent uorophores or uorescent states.1 The core advantage of FLCS is that one can distin-
guish uorescence correlations of two or more emitting species that emit in the same spectral
range, solely on the basis of their uorescence lifetimes. Although the complete theory of
FLCS has been described in Gregor et al.,? we outline the essentials here briey.
Let us consider a sample emitting uorescence with n dierent decay patterns such that









j is the discretized probability distribution function of uorescence photon arrival
times with respect to the excitation pulse over the TCSPC channels j, c(i) is the total number
of photons corresponding to the decay pattern i (i = 1, 2, 3, ..., n) at a given time t. We are
interested in calculating uorescence-decay specic two-photon auto- and cross-correlation
functions dened by
gαβ(t) = 〈c(α)(t0) c(β)(t+ t0)〉t0 (2)
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where α and β can take values from 1 to n, and the angular brackets represent averaging
over t0. For that purpose, one has to extract the values c
(i)(t) from the measured photon
stream. This is performed by calculating statistical lter functions f
(i)














j · Ij − c(i)
)2〉
(4)
where angular brackets again denote time averaging. The summations are performed over
all the TCSPC channels and the averaging over an innite number of measurements. Using
the fact that the photon detection in each TCSPC channel follows Poissonian statistics,
these lter functions can be calculated numerically using a weighted quasi-inverse matrix








· M̂ · diag〈Ij〉−1. (5)
Here, M̂ ij = p
(i)
j and diag〈Ij〉−1 is an L × L-dimensional matrix with diagonal elements
〈Ij〉−1. An important point that should be emphasized here is that these lter functions
form a dual orthogonal basis to the decay patterns. This means that element-wise multipli-
cation and summation of these lter functions with the uorescence decay patterns yields
an identity matrix. Using these lters, the second order auto- and cross-correlation function








k 〈Ij(t+ t0)Ik(t0)〉t0 (6)
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For α = β, we get lifetime auto-correlations which represent the intensity uctuations of
each individual lifetime species, and if α 6= β, we obtain the cross-correlations of α versus
β, which indicate the probability of detecting a second photon from species β at time t
after detecting a photon from species α. Generally, gαβ 6= gβα; the equality occurs only
under strict conditions such as pure co-diusion. For example, for a sample comprising of
two molecular species with two distinct uorescence decay patterns, one thus obtains two
lifetime auto-correlation curves, one for each pattern, and two cross-correlation curves for
correlations between the patterns.
It is important to emphasize that throughout the above mathematical treatment, we did
not include any restriction on the nature of p
(i)
j . Therefore, one can apply FLCS to uores-
cence samples exhibiting any form of uorescence decay kinetics (single- or multi-exponential
decay). A straightforward extension of the concept above is to include an additional com-
ponent with a uniform distribution of probability among the TCSPC channels in order to
eliminate background contributions (e.g. dark counts, detector after pulsing) from the nal
uorescence auto- and cross-correlations. The theory is generic and has been applied in a
variety of works other than FLCS such as uorescence spectral correlation spectroscopy,3
and ltered FCS.4
Enhanced Green Fluorescent Protein (EGFP) exhibits a bi-exponential decay behavior.5
We measured the uorescence decay of nanomolar concentrations of EGFP at pH values of
6.0, 7.5 and 9.0. Figure 1 (a) shows a TCSPC curve obtained from EGFP measurement at








e−jδ/τ2 + b (7)
where j = 1, ..., L refer to the jth discrete TCSPC time channel, δ is the bin width of each
time channel, ai are the amplitudes, τi are the decay constants corresponding to the lifetime
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Figure S1: The left gure shows the TCSPC data together with the two lifetime components
and a constant oset (solid red line) representing the background signal. The right gure
shows the calculated lters using the three components and the TCSPC curve itself as
according to equation 5
of each decay process, and b is an oset which arises chiey due to the dark counts and
afterpulsing from the detectors.6 The two decay constants 2.0(1)ns and 3.1(2)ns occurred
to be independent of pH (between pH 6.0 and pH 9.0) and laser intensities (from (4 
200) kW/cm2).
Next, we calculated lifetime-specic lter functions for the two decay components and an
additional constant-amplitude component. The latter is used to lter out contributions from
background photons which generate a constant oset in the TCSPC curve. Figure 1(a) shows
the decay patterns used for calculating the lter functions in (b). The physical interpretation
of these functions is as follows: The values of the lter corresponding to the faster decay
component are positive (and> 1) in the rst few time bins, since the photons arriving at short
delay times predominantly contribute to the auto-correlation of the short lifetime species.
The lter function corresponding to the longer lifetime component (green curve) has positive
values for later time bins, where the long-lifetime component predominantly contributes to
auto-correlation. The lter representing the background (red curve) has values close to zero
in the time channels up to 10 ns, which means that background events falling into these time
5
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Figure S2: Calculated auto- and cross-correlations for EGFP measurements at pH 9.0 with
∼ 50 kW/cm2 excitation power. The correlations are normalized using with their amplitudes
at t = 0.1 s. The anti-correlation that is visible in the sub-microsecond to microsecond range
arises due to the dynamic transitions between the two states.
channels contribute negligibly to the auto- and cross-correlations of and between the two
lifetime states. The lter functions are normalized in such a way that their sum in each time
channel is one.
Correlation functions are calculated from the asynchronous stream of photon arrival
times on a logarithmic correlation time scale using a dedicated algorithm .7 In FLCS, each
photon is additionally weighted, depending on its TCPCS channel where it is recorded,
with one of the three lter functions before correlation. Thus, one obtains in general nine
dierent correlation functions (three auto-correlation functions between photons of the same
lifetime pattern, and six cross-correlation functions between photons weighted with dierent
lifetime patterns). Of them, of physical interest are only the two auto-correlation (one for
each lifetime state) and two cross-correlation (transitions between the two lifetime states)
functions related to the uorescence lifetime patterns, but not those involving the background




Figure 2 shows the auto- and cross-correlations of the two uorescent states of EGFP at
pH 9.0. We took an additional TCSPC distribution, as shown by the red horizontal line in
the right panel of gure 1, as a third state to eliminate any contribution from background.
The anticorrelation seen in both cross-correlation curves on the timescale of 10−7 s−10−6 s
corresponds to a microsecond reversible switching between the two bright states. If the
molecule switches randomly in time between the two lifetime states (without a xed rate),
or two populations exist independently, the behavior of the cross-correlation curves will be
completely dierent. In the rst case, one would not see any anti-correlation behavior and
the cross-correlations would show identical temporal behavior as the auto-correlation curves,
and in the later situation one will not observe any cross-correlations due to the randomness
of the presence of molecules from two populations at a given time in the focus. The long-time
behavior of the correlation curves is governed by photophysics of the chromophore itself, due
to the dynamic transitions to a dark protonated state on the timescale of ∼ 10−5 s, followed
by the diusion of the EGFP molecules in and out of the excitation focus (∼ 10−3s).
S3. Three-state consecutive reversible-reaction model
The most exciting property of FLCS is that it can resolve rapid temporal uctuations of
uorescence lifetimes with single molecule sensitivity, down to the nanosecond timescale. In
conjunction with an appropriate model, the correlation information provided by FLCS can
be used to determine transition rates and occupation times for the dierent photophysical
states that are connected to the dierent uorescence decay patterns. In the current paper,
for describing the rapid lifetime and intensity uctuations observed in EGFP, we use the fol-
lowing three-state model for describing the photophysical behavior of the protein (its validity
will be discussed below). It comprises of two bright states that show distinct uorescence de-
cay rates, and one dark state. These three state are interconnected to each other through two
7
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consecutive reversible reactions such that D
1
2 as shown in the model in gure 3. The
necessary model parameters to model such a three-state system are the rate constants k1→2
and k2→1 for the transition from 1 to 2 and 2 to 1, respectively; and the transition rates k1→d
and kd→1 related to the transitions of the chromophorep-hydroxybenzylideneimidazolone
(HBDI) between state 1 and the dark state D.
If we now denote the probability to nd the chromophore in state D, 1, and 2 by nd, n1,
and n2, respectively, such that n1 + n2 + nd = 1, the three rate equations for the temporal
evolution of these states can be written in matrix form as
d~n
dt
= T̂ · ~n (8)










and ~n = (nd, n1, n2)
T is the state vector. The solution to this system of linear dierential




êj (~n0 · êj) exp(λjt) (10)
where ~n0 is the initial value of ~n at t = 0, and the λj and êj are the eigenvalues and
eigenvectors of the transfer matrix T̂ , respectively. The eigenvalues are explicitly given by






Figure S3: Schematic showing the three-state reversible reaction model for EGFP consid-
ered for the data analysis. The protein switches between two uorescent states 1 and 2
(collectively shown as B). Transition to a third dark state D take place from 1, due to
protonation/deprotonation dynamics of p-hydroxybenzylideneimidazolone (HBDI)
where
σ = −(k1→2 + k2→1 + k1→d + kd→1) (12)
and
δ2 = σ2 − 4(k1→2kd→1 + k2→1k1→d + k2→1kd→1) (13)
The zero value of the rst eigenvalue reects the fact that the sum of all state occupancies
is unity. The remaining two eigenvalues are functions of the transition rates between all the
three states. Knowing the temporal evolution of the state vector, the correlation functions
connected with the the state relaxation are given by




where κα, κβ are coecients taking into account the relative brightness of the uorescent
states α and β, respectively. Provided that the relaxation times for ~n(t) (inverse values of
the non-zero eigenvalues of the transfer matrix) are much faster than the average diusion
9
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· gfastαβ (t) (15)
where we have assumed a three-dimensional Gaussian shape of the detection volume, with
w1 and w2 being the semi-axes in the lateral and axial direction, respectively, and where g
∞
αβ
is a constant oset, and D the diusion coecient of the molecule.
The innite-time limit of ~n(t) describes the steady state occupancies at equilibrium. For
the three-state model considered above, these steady state occupancies are given by










where η = k1→dk2→1 + kd→1k2→1 + kd→1k1→2. This leads to the direct result that the state
occupancies of the two uorescent states at equilibrium is n1 : n2 = k2→1 : k1→2. The theory
developed above can be extended on similar lines to describe any multi-state transition
scheme as per requirements.
The experimentally determined auto-correlation of 1 shows a strong variation around
its mean (tted solid line). This is due to the low number of photons recorded from this
state (total signal contribution of only 25% after the cuto shown in gure 1 (a)). Also,
the deviations form the mean for the dierent correlation curves show a strong correlation.
This can be easily understood when realizing that the sum of all FLCS correlation curves
reproduces the auto-correlation of a conventional FCS measurement (shown by the inset in
Figure 1). Thus, any deviation from the mean of one FLCS curve in one direction has to be
compensated by opposite deviations in the other FLCS curves.
The curves were tted with two-photon correlation functions gαβ derived from the three-
state model. The kinetics of the rapid correlation change at short times scales (shorter than
10
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the diusion time of the molecule, t ≤ 10−4 s) is determined by the rate constants k1→2 and
k2→1 of the conversions between the two uorescent states, and the rate constants k1→d and
kd→1 for the transitions between the uorescent state 1 and the dark state D. The rationale
for a three-state consecutive reversible reaction model will be addressed in the main text.
Fitting of the rate constants was done in the following way: FLCS calculations were done
on bunches of one million photons and then added up to the nal correlation curves. For
determining the t errors, we used bootstrapping by randomly omitting bunches form the
full photon stream, and the resulting four correlation curves were globally tted with our
kinetic model.
Figure S4: Globally tted auto- and cross-correlation curves for EGFP at pH 7.5 (left) and
9.0 (right) using the three-state model. The half-time for each transition is listed in the
graph itself. The measurements were performed using excitation powers of ∼25kWcm−2 and
∼50kWcm−2, respectively.
S4. Spectrally resolved uorescence decay measurements
Spectrally resolved uorescence decay measurements have been collected in a FT300 spec-
trometer (PicoQuant GmbH, Berlin, Germany) equipped with a TH260-P single photon
timing board and a hybrid HPD-40 detector. Excitation was performed with a LDH-PC-470
diode laser at 25MHz, driven by a PDL-820 controller. Each decay was collected at magic
angle for 17 s and band pass of 5 nm, in the range from 480 nm to 620 nm with a 5 nm step.
11
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The count rate at all wavelengths acquired was kept below 2% of the excitation rate to avoid
any dead-time based artifacts.8
S5. Additional Experimental Results
Figure S5: This gure shows that there is no eect of photobleaching on the two lifetime
components. The left gure shows the rate of photons for each bunch that corresponds to
≈ 10 s. The right gure shows the arrival time histograms of the photons tail tted with a
bi-exponential model given by equation (solid red curves). The curves are globally tted and
the two lifetime values are indicated (τ1 = 2.1 ns and τ2 = 3 ns). The inset shows the ratio
of the photons from both components corresponding for each bunch comprising one million
photons (red for τ1 and blue for τ2). The solid lines indicate the average and the shaded
region marks the standard deviation of the amplitudes. The mean values are 〈a1〉 = 0.39
and 〈a2〉 = 0.61.
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Figure S6: Time-resolved anisotropy measurements. The left gure shows the TCSPC data
recorded with pulsed interleaved excitation with a horizontally and vertically polarized laser
sources, each with a repetition rate of 20MHz. The uorescence is split by a polarizing
beamsplitter and focused onto two detectors. Each detector measures two consecutive uo-
rescence decay curves within one complete excitation cycle, one corresponding to the laser
which is parallel in polarization to itself (higher amplitude) and the other which is orthog-
onal to it (lower amplitude). The four TCSPC curves thus recorded can be named as
I‖,‖, I‖,⊥, I⊥,‖, I⊥,⊥ where the rst symbol represents the polarization of the laser with re-
spect to a xed ‖ and ⊥ orientation in the laboratory reference frame and the second symbol






I‖,‖(τ)× I⊥,⊥(τ) + 2
√
I‖,⊥(τ)× I⊥,‖(τ)
The left gure shows the time-resolved anisotropy decay of uorescence collected from EGFP
in solution at 21◦C (blue circles). The solid red line shows the exponential decay t which
gives us the rotational diusion time τrot = 19.2 ns. Approximating the EGFP molecule as






where kB is the Boltzmann constant, and η is the viscosity of the solution at temperature
T . Assuming the buer's viscosity to be equal to water, we obtain a hydrodynamic radius
Rh ≈ 2.6 nm, which is close to the values known in literature.9 This shows that EGFP exists
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CHAPTER 3. FLUORESCENCE LIFETIME CORRELATION SPECTROSCOPY
(FLCS) 56
3.2 Manuscript: Fluorescence lifetime correlation spec-
troscopy : Basics and applications
In this review article [102], we recapitulate the fundamentals and instrumentation as
well as biological and spectroscopic applications of FLCS. The applications of FLCS
include quantification of protein-protein interactions [165], reduction of spectral cross-
talk in live-cell studies [166], investigation of lifetime changes of a fluorophore in close
proximity to silver nanoparticles [167], FLCS experiments in conjunction with lifetime
tuning [168] for studying diffusion in SLBs, investigation of DNA compaction by spermine
[169], proton transfer reactions [105], and, along with FRET, quantification of kinetic
rates of interconversion in Syntaxin 1 [170]. Furthermore, we furnish the details of an
interesting extension of FLCS, known as two-dimensional FLCS [171], and discuss also
the utilization of FLCS in STED microscopy [106].
The mini-review entitled ”Arindam Ghosh, Narain Karedla, Jan Christoph Thiele, Ingo
Gregor, and Jörg Enderlein. Fluorescence lifetime correlation spectroscopy: Basics and
applications. Methods, 140:32-39, 2018” is presented below. A.G. co-wrote the mini-
review with inputs from other authors.
Reproduced with permission, copyright 2018 The Authors, published by El-
sevier Inc.
The published mini-review is currently available at https://www.sciencedirect.com/
science/article/pii/S104620231730230X
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a b s t r a c t
This chapter presents a concise introduction into the method of Fluorescence Lifetime Correlation
Spectroscopy (FLCS). This is an extension of Fluorescence Correlation Spectroscopy (FCS) that analyses
fluorescence intensity fluctuations from small detection volumes in samples of ultra-low concentration.
FCS has been widely used for investigating diffusion, conformational changes, molecular binding/
unbinding equilibria, or chemical reaction kinetics, at single molecule sensitivity. In FCS, this is done
by calculating intensity correlation curves for the measured intensity fluctuations. FLCS extends this idea
by calculating fluorescence-lifetime specific intensity correlation curves. Thus, FLCS is the method of
choice for all studies where a parameter of interest (conformational state, spatial position, molecular
environmental condition) is connected with a change in the fluorescence lifetime. After presenting the
theoretical and experimental basis of FLCS, the chapter gives an overview of its various applications.
 2018 The Authors. Published by Elsevier Inc. This is anopenaccess article under theCCBY-NC-ND license
(http://creativecommons.org/licenses/by-nc-nd/4.0/).
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1. Introduction
Fluorescence Correlation Spectroscopy or FCS was first invented
by Magde, Elson and Webb in the seventies of the last century
[1–3]. Since then, it has become an indispensable tool for many
applications in biology, biophysics, chemistry or physics [4–7]. In
FCS, one excites and detects fluorescence emission of fluorescent
or fluorescently labeled molecules out of a tiny detection volume
(typically femtoliters), and applies a correlation analysis to the
recorded fluorescence intensity fluctuations. Any process that
influences the measured fluorescence intensity (such as changes
of emitter position due to diffusion, photophysical transitions,
chemical reactions, or conformational changes) will show up as a
prominent correlation decay in the correlation curve. For example,
molecules that diffuse in and out of the detection volume will
generate a stochastically fluctuating fluorescence signal, the
correlation time of which is directly connected with their diffusion
constant. Similarly, molecules that can switch into a non-
fluorescent triplet state (intersystem crossing) will show a partial
fluorescence correlation decay on the time scale of the intersystem
crossing and triplet-to-ground state relaxation.
https://doi.org/10.1016/j.ymeth.2018.02.009
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Most of the applications of FCS are concerned with diffusion
measurements. However, FCS can also be used to measure photo-
physical processes, molecular interactions, active transport etc. A
special but powerful variant of FCS is Fluorescence Cross-
Correlation Spectroscopy (FCCS) which measures the cross-
correlation of fluctuating fluorescence signals between spectrally
different detection channels. This technique has been widely used
to monitor the co-diffusion of different molecular species which
are labeled with fluorescent dyes of different color [7–9].
However, cross-correlations cannot only be performed between
fluorescent signals coming from different spectral detection win-
dows, but also between fluorescent signals having different fluo-
rescence lifetime signatures. This is the core idea of Fluorescence
Lifetime Correlation Spectroscopy or FLCS, and was first demon-
strated in [10]. Similar to dual-color FCCS, FLCS calculates auto-
and cross-correlation curves, but not in a spectrum-specific man-
ner, but in a fluorescence-lifetime specific manner. The fundamen-
tal experimental requirement for FLCS is the ability to measure not
only intensity fluctuations on a ‘‘long” time scale (microseconds to
seconds), but to simultaneously monitor also the fluorescence
decay on nanosecond time-scales. This is usually done by measur-
ing fluorescence decay curves with Time-Correlated Single-Photon
Counting (TCSPC) [11,12], using pulsed excitation with high repe-
tition rate (10–100 MHz) and short (100 fs–100 ps) laser pulses.
After the first publication of the concept of FLCS [10] (at that
time called time-resolved FCS), it did not attract much attention,
probably due to the exploding number of successful applications
of conventional FCS at the time. FLCS was again picked up in
2005 [13], when it was used to efficiently eliminate effects of
detector afterpulsing in FCS. In the same year, Benda et al. pre-
sented an upgraded lifetime-measuring confocal FCS system [14]
that is ideally suited for performing FLCS. The term ‘‘FLCS” was
then, for the first time, used in the following year in Refs. [15–17].
As already mentioned, FLCS is a cross-correlation spectroscopy
technique that uses fluorescence lifetimes for calculating auto- and
cross-correlations similar to conventional dual-color FCCS, which
uses emission colors for discriminating between different fluo-
rophores or fluorescent states. The fascinating property of FLCS is
that one can distinguish fluorescence correlations of two or more
emitting species that emit in the same spectral range, solely on
the basis of their fluorescence lifetimes. In particular, the technique
relies on the calculation of separate Auto-Correlation Functions
(ACFs) for each emitting species by weighing the recorded photons
with a filter function based on their emission delay with respect to
the exciting laser pulses. These filter functions act as statistical fil-
ters which are calculated from ‘‘pure” decay patterns (TCSPC his-
tograms) of each component. As such, FLCS can be applied in a
similar way as is done with dual-color FCCS. However, its range
of applications can be much wider: Recently, a conjunction of FLCS
with STED has lead to a significant improvement in resolution,
background suppression, and thus contrast in super-resolution flu-
orescence microscopy. A comprehensive introduction into FLCS
and it’s various applications until 2012 is nicely summarized in
the review by Kapusta et al. [18]. Here, we provide an updated
introduction into and review of FLCS which includes also its most
recent applications and developments.
2. Principle of FLCS
An excellent introduction into the theoretical basis of FLCS has
been given in [16], and we will briefly recapitulate it here. Let us
consider a sample consisting of m different species emitting fluo-
rescence with different decay patterns such that the number of






where pai is the discrete probability distribution function for detect-
ing a photon in TCSPC-channel i if the fluorescence comes from spe-
cies a, and caðtÞ is the momentary fluorescence intensity
corresponding to species a at time t. We are interested in calculat-
ing fluorescence-decay specific two-photon auto- and cross-
correlation functions defined by
gabðtÞ ¼ hcaðt0Þcbðt þ t0Þit0 ð2Þ
where a and b can take values from 1 tom, and the angular brackets
denote averaging over t0. For that purpose, one has to extract the
values caðtÞ from the measured photon stream. This is performed
by calculating statistical filter functions f ai such that they satisfy
the relationsX
i
f ai IiðtÞh i ¼ hcaðtÞi ð3Þ
and minimize the mean square errors
X
i
f aiIiðtÞ  hcaðtÞi
 !2* +
ð4Þ
where angular brackets denote time averaging, and the summations
are performed over all TCSPC channels i. Using the fact that the pho-
ton detection in each TCSPC channel follows Poissonian statistics,
these filter functions can be calculated using a weighted quasi-
inverse matrix operation [19] as
f ¼ M̂  diaghIi1  M̂T
h i1
 M̂  diaghIi1: ð5Þ
Here, f is a matrix with elements f ai;cM a matrix with elements pai,
and diaghIi1 is an L L-dimensional matrix with diagonal elements
hIji1. A big T superscript denotes matrix transposition. An impor-
tant point that should be emphasized here is that these filter func-
tions form a dual orthogonal basis to the decay patterns. This means
that element-wise multiplication and summation of these filter
functions with the fluorescence decay patterns yields an identity
matrix. Using these filters, the second order auto- and cross-






f ajf bkhIjðt þ t0ÞIkðt0Þit0 ð6Þ
For a ¼ b, we obtain lifetime auto-correlations which represent the
intensity fluctuations of each individual lifetime species, and for
a– b, we obtain the cross-correlations of a versus b, which indicate
the probability of detecting a second photon from species b at time t
after detecting a photon from species a at time zero. Thus, for a
sample comprising of two molecular species with two distinct
fluorescence decay patterns, one obtains two lifetime auto-
correlation curves, one for each pattern, and two cross-correlation
curves for correlations between the patterns. Generally, the cross-
correlations are not symmetric, gab – gba. Equality occurs only
under strict conditions such as pure co-diffusion, but if one consid-
ers e.g. transitions between two states that are part of an intercon-
nected multi-state system containing more than only these two
states, the observed cross-correlations between the two states
may be asymmetric.
It is important to emphasize that throughout the above
described mathematics, we did not put any restriction on the nat-
ure of pai. Therefore, one can apply FLCS to fluorescent samples
exhibiting any form of fluorescence decay kinetics (single-
exponential, multi-exponential, etc.). A straightforward extension
of the above concept is to include an additional component with
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a uniform probability distribution across the TCSPC channels in
order to eliminate background contributions (e.g. dark counts,
detector afterpulsing) from the final fluorescence auto- and
cross-correlations. The presented theory is generic and has been
applied in a variety of works other than FLCS such as fluorescence
spectral correlation spectroscopy [20], or filtered FCS [21] (Fig. 1).
3. Instrumentation for FLCS experiments
FLCS experiments are usually performed with a confocal micro-
scope equipped with fluorescence lifetime and FCS measurement
capability (e.g. MicroTime 200, PicoQuant GmbH, Berlin, Ger-
many). Fig. 2 shows a schematic of such a setup. In the following,
we will give the details of our existing MicroTime 200 system
which is routinely used for FLCS measurements. A linearly polar-
ized pulsed diode laser ðkexc ¼ 485 nm, pulse duration 100 ps
FWHM, LDH-P-C-485B, PicoQuant) equipped with a clean-up filter
(BrightLine FF01-480/17, Semrock) is passed through a quarter-
wave plate (AQWP05M-600, Thorlabs GmbH, Dachau/Munich, Ger-
many) to generate a circularly polarized laser beam. The laser is
pulsed at a repetition rate of 40 MHz by using a multichannel
picosecond laser driver (PDL 828 ‘‘Sepia II”, PicoQuant). This beam
is then coupled into a polarization-maintaining single-mode fiber
(PMC-400-4.2-NA010-3-APC- 250 V, Schäfter und Kirchhoff GmbH,
Hamburg, Germany). At the fiber output, the light is collimated and
reflected by a dichroic mirror (FITC/TRITC Chroma Technology,
Rockingham, VT, USA) into the microscope’s objective (UPLSAPO
100 oil, 1.2 N.A., Olympus Deutschland, Hamburg, Germany).
The same water immersion objective is used for collecting the
Fig. 1. Working principle of FLCS. (a) Total TCSPC curve of a mixture of species A and B (green), and individual TCSPC curves of each component A (blue) and B (red). (b)
Lifetime-specific filter functions calculated from the component-specific TCSPC histograms shown in (a). Note that the filter function is positive for the shorter lifetime
component for the first few nanoseconds, while it is positive for the longer component at longer decay times. (c) ACF obtained with conventional FCS containing contributions
from both the components A and B. (d) Separate ACFs calculated for each component A and B by weighing the photons based on their arrival times with the filter functions
shown in (b). (For interpretation of the references to colour in this figure caption, the reader is referred to the web version of this article.)
Fig. 2. Schematic of FLCS setup. For explanation see main text.
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fluorescence from the sample. Back-scattered light from the laser is
blocked using a longpass filter (BLP01-488R-25, Semrock). After
passing through a 100 lm pinhole, the fluorescence beam is
collimated again and focused onto two single-photon avalanche
diodes (SPCM-CD 3516 H, Excelitas Technologies GmbH & Co. KG,
Wiesbaden, Germany). A multichannel picosecond event timer
(HydraHarp 400, PicoQuant) is used to record the detected photons
from both detectors independently with an absolute temporal
resolution of 2 ps on a common time frame. For measurements
in solution, a droplet ð 30 lLÞ of sample is placed on top of a clean
glass coverslip, and the objective is focused approximately 30 lm
into the solution.
3.1. Time-tagged time-resolved (TTTR) photon counting
In our FLCS measurements, a HydraHarp 400 (PicoQuant, Berlin)
event timer electronics is used for recording single photon detec-
tion events. A detailed description of this instrumentation and its
working can be found in Ref. [22] (see also [23,24]). Briefly, the
event timing module has the capability to process up to 64 input
channels, while using one channel for synchronization with the
laser pulses. Each input channel is processed by a separate timing
circuit, called a time-to-digital converter (TDC), while all of these
TDCs are connected to a single internal master clock. The internal
clock serves as the time base for all the individual timers of each
detection channel and synchronizes their operation. Picosecond
timing resolution for each channel is achieved by interpolation
based on a phase-locked loop system in each TDC [25]. In this
way, each event in all channels can be timed with a few picosec-
onds resolution. In the end, each detected photon is assigned two
time tags, one with respect to the last laser pulse sync, called the
micro-time s, and the other with respect to the start of the exper-
iment, called the macro-time t which is usually counted as the
number of syncs preceding the detection event [22] (see Fig. 3).
Together with these time-tags, also the detection channel is
recorded for each photon. Using the micro-times, one can calculate
the TCSPC histogram for each detector channel, whereas from the
macro-times of the detected photons, correlation curves are calcu-
lated, using a dedicated correlation algorithm for asynchronous
photon detection data [26].
4. Spectroscopic applications of FLCS
There are two core advantages of FLCS over dual-color FCS and
FCCS: (a) absence of spectral cross-talk and (b) absence of artefacts
arising from a non-perfect overlap of detection volumes. Naturally,
FLCS attracted early applications analogous to dual-color FCCS for
investigating bio-molecular interactions. One such example is the
quantification of protein-protein (EGFP-mCherry) interaction in
live cells by Padillapara et al. [27]. In their work, they simultane-
ously applied pulsed excitation for GFP along with continuous
wave (cw) excitation for mCherry, and FLCS filtering was used to
eliminate spectral cross-talk between the two spectral detection
channels. A similar live-cell study used FLCS for obtaining cross-
correlation curves for GFP and Alexa-488 labeled molecules [28].
A number of other works used the unique capability of FLCS of
obtaining lifetime-specific ACFs for watching molecular state tran-
sitions upon changes of the molecular environment. One such
study looked at the fluorescence lifetime reduction of a fluo-
rophore close to the surface of silver nanoparticles [29]. In partic-
ular, the authors used FLCS for probing metal-fluorophore
interactions in solution at the single-molecule level. For doing this,
ss-oligonucleotides were covalently bound to silver nanoparticles
and then hybridized with complementary strands labeled with
Cy5. This resulted in substantial reduction of the dye’s lifetime in
the bound state. In another study, Benda et al. reported FLCS mea-
surements in conjunction with lifetime tuning [15] to study molec-
ular diffusion in Supported Lipid Bilayers (SLBs), while having a
considerable amount of unbound dye in the aqueous phase above
the bilayer. The authors used Indium Tin Oxide (ITO) covered glass
slides as the bilayer support, using the fact that ITO shows similar
distance dependent quenching (and thus lifetime-reducing) prop-
erties as metals. Thus, calculating FCS curves in a lifetime-
specific manner, they were able to successfully separate correla-
tion contributions stemming from free dyes in solution from corre-
lation contributions of bilayer-associated molecules. In a series of
other studies, FLCS has been extensively used for suppressing
ACF contributions from scattered light or other background
sources such as detector afterpulsing and electronics dark counts
[13,17,30]. This is particularly important when using FCS for esti-
mating local molecular concentrations, where any unaccounted
background contribution in the FCS curve will lead to gross overes-
timates of the actual concentration. In this context, FLCS has been
widely used for background suppression without explicit reference
to the technique itself [31–33].
Application of FLCS in biology was first reported in 2008 (see
[34–36]) where the method was utilized for gaining detailed
insight into DNA condensation by spermine, a cationic compound.
This is an important topic in the context of improving non-viral
gene therapy via delivery of large DNA molecules across bio-
membranes. In their study, the intercalating dye Picogreen (Invit-
rogen, Carlsbad, CA, US) was used for labeling DNA, and it’s lifetime
change during DNA condensation (from 4.5 ns in the extended
state to 3.5 ns in the condensed state) was used to calculate ACFs
for the different DNA condensation states. The cross-correlation
functions (CCFs) between the two states at spermin titration mid-
point revealed a dynamic switching between the extended and
condensed phase on a millisecond timescale. This work demon-
strated for the first time the usefulness of FLCS in cases where
the transition rate between states with different fluorescence life-
time is too fast for being captured in a conventional TCSPC-based
lifetime measurement. Additionally, this study demonstrated the
possibility of using lifetime fluctuations as a reporter for fast alter-
ations in the local environment. Paredes et al. probed proton-
transfer reactions of Tokyo-Green-II (TG-II) under varying local
environments [37,38], and the same group used TG-II also to study
reverse micelles of the surfactant sodium bis(2-ethylhexyl) sulfos-
uccinate in organic solvents [39]. In another publication, FLCS
together with Förster Resonance Energy Transfer (FRET) was
exploited for extracting kinetic rates of the inter-conversion of
Syntaxin 1 between it’s two conformers [21].
5. Quantifying fast transition times using FLCS
One of the most exciting applications of FLCS is to determine
fast transition rates between states of different fluorescent life-
times in a molecule. As an example, we recently studied with FLCS
Fig. 3. TTTR counting scheme: single-photon detection events are timed on two
different time scales. On a pico- to nanosecond time-scale, the so-called micro-time
ðskÞ records the detection time of each photon k (yellow balls) with respect to the
last preceding laser pulse (green arrows). If one histograms these micro-times, one
obtains the TCSPC fluorescence decay histogram, the bin width of which is
determined by the discrete temporal resolution of the micro-times. On a time scale
slower than the laser pulse repetition period, absolute arrival times of photons are
recorded with a temporal resolution of one laser period (macro-time tk). From both
time tags, the absolute detection time with an overall temporal resolution of
picoseconds can be reconstructed. (For interpretation of the references to colour in
this figure caption, the reader is referred to the web version of this article.)
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the complex photophysics of the fluorescent protein EGFP [40]. The
chromophore of EGFP exhibits two fluorescent states with life-
times of 2.0(1) ns and 3.1(2) ns (Fig. 4(a)). Thus, we used FLCS for
determining the transition rates between these two states, which
occur to be on the microsecond time scale. The transition rates
were found to be independent of pH or excitation power, and we
could relate them to an Ångström-scale rotational isomerization
of a glutamic acid residue (E222) that is adjacent to the fluorescent
center. It should be noted that the excitation and emission spectra
of the two fluorescent states are highly overlapping and basically
inseparable at room temperature, so that the transition between
them can only be resolved by using FLCS. Moreover, this fast tran-
sition between the two fluorescent states is coupled to a further
transition between one of them and a dark state, which takes place
on a much slower timescale. This bright-to-dark state transition is
well-known to be associated with a protonation and deprotonation
of the chromophore [41]. Thus, the full chromophore photophysics
of EGFP is described by a three-state coupled reaction system in
which the dark state can only be reached via an intermediate flu-
orescent state, see inset in Fig. 4(b). This is very similar to what
has been observed earlier in wild-type GFP [42–45]. However, FLCS
finds faster switching rates compared to those found by conven-
tional FCS. This discrepancy is related to the two non-zero eigen-
values of the three-state consecutive reaction model. Denoting
the bright states as 1 and 2 and the dark state as D, and by intro-
ducing the relations kfast ¼ k1!2 þ k2!1 and kslow ¼ k1!D þ kD!1,
(with the simplifying assumptions that k1!2  k2!1; k1!D  kD!1),
these eigenvalues can be written as






For the case that the fast transition rate, kfast , is significantly larger
than the slow transition rate, kslow, this expression leads to the fol-
lowing approximate eigenvalues
k2  kfast; k3  34 kslow ð8Þ
Thus, a conventional FCS experiment will also observe a fast and a
slow transition rate, but it will underestimate the slow rate by
25%! This discrepancy becomes even more pronounced if the pro-
tonation is faster than the deprotonation ðk1!D > kD!1Þ, i.e. for pH
values lower than the pKa of EGFP (5.7) [46]. Fig. 5 shows a
detailed map of the difference in fast-rate determination between
conventional FCS and FLCS (which always yields the correct value)
as a function of the slow rates k1!D and kD!1.
6. FLCS and super-resolution
6.1. STED-FLCS
In Ref. [47], FLCS was combined with STED microscopy to
improve imaging contrast and resolution. The authors applied it
to unveil the spatio-temporal heterogeneity of molecular diffusion
of fluorescent lipid analogues in membranes of mammalian cells.
FLCS-STED is an improved version of the combination of gated-
detection STED (gSTED) [48] with FCS. The core idea is that the
STED laser induces a gradual de-excitation of excited molecules
from low to high intensity regions in the STED intensity
distribution, which gradually shortens the excited state lifetime
in a position-dependent manner. Thus, different exponential
Fig. 4. (a) TCSPC histogram of EGFP fluorescence decay. The data was fitted using a mono-exponential (red) and a bi-exponential decay model (green). As can be clearly seen
from the residues, the data can only be satisfactorily fitted using the bi-exponential model. The associated two decay times are 2:0ð1Þ ns and 3:1ð2Þ ns with amplitudes of 0.26
and 0.74, respectively. (b) FLCS auto- and cross-correlation curves for EGFP at pH 6.0 at an excitation power of 200 kW/cm2. 1 ! 1 and 2 ! 2 denote the auto-correlations
corresponding to state 1 and 2 with s1 ¼ 2:0ð1Þ ns and s2 ¼ 3:1ð2Þ ns, respectively; whereas 1 ! 2 and 2 ! 1 represent the cross-correlations between the two states. The
curves are normalized with respect to their amplitudes at time 0.1 s when all the correlations have decayed completely. Solid lines are fits of the three-state model which is
schematically shown in the inset, which also displays the fitted transition rate values (figure reprinted from Ref. [40] with permission of publisher). (For interpretation of the
references to colour in this figure caption, the reader is referred to the web version of this article.)
Fig. 5. The ratio of the relaxation rate between the states 1 and D estimated by FLCS
(using a three-state-consecutive reversible reaction model) versus FCS as a function
of the forward kD!1 and backward k1!D rates is shown. When kD!1 ¼ k1!D,
conventional FCS underestimates the relaxation rate by 25%.
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components of the observed fluorescence decay curve correspond
to different positions of a fluorophore within the STED intensity
distribution. By filtering out different exponential decay compo-
nents within the observed fluorescence lifetime decay, one selects
different spatial positions within the excitation/detection volume.
In gSTED, this is done by selecting photons within a small time
interval (time gate), whereas FLCS filters photons for a specific
decay time. In this way, one can tune the detection volume/area
from which fluorescence is efficiently detected, and thus tune the
spatial resolution. In [49], the authors call this method also Separa-
tion of Photons by LIfetime Tuning or SPLIT. They have applied
SPLIT-FLCS to probe the three-dimensional diffusion of Enhanced
Green Fluorescent Protein (EGFP) at a spatial resolution of 80
nm [50]. The study reveals the spatial inhomogeneity in EGFP
and tubulin-EGFP diffusion in the cytoplasm of living cells.
6.2. Two-dimensional FLCS
An interesting extension of the concept of FLCS was presented
by Tahara and colleagues [51,52]. Termed as Two-dimensional
FLCS (2dFLCS), the method generates a two-dimensional photon
pair correlation plot gðt; s1; s2Þ which measures the time-
correlation (lag time t) of photons with fluorescence decay time
s1 against photons with fluorescence decay time s2. It is thus a con-
tinuum extension of the original idea of FLCS, which was initially
worked out for correlating photon pairs belonging to discrete sets
of fluorescence decay patterns. The hardware requirements of
2dFLCS are identical to those of conventional FLCS, but data analy-
sis is much more involved. From the raw photon arrival (TTTR)
data, one calculates a three-dimensional correlogram, where the
first two dimensions correspond to the TCSPC detection channels
of the first and second photon, and the third dimension is the cor-
relation lag time. Then, by using a regularized inverse Laplace
transform, one obtains the desired 2dFLCS correlogram which
shows the correlation between photons belonging to different flu-
orescence decay times. For the theoretical details, see [51]. The
core advantage of this approach is that it does not require any prior
knowledge of the expected fluorescence decay patterns of a sam-
ple. The challenge of 2dFLCS is that due to correlating photons over
a two-dimensional lifetime continuum instead of using a discrete
set of lifetime patterns, one needs exceptionally good signal-to-
noise ration and thus large measurement times. Moreover, the
ill-defined inverse Laplace transform may be numerically unstable
and requires some skills for finding the best regularization.
2dFLCS has been successfully applied to probe the equilibrium
conformational and reaction dynamics in complex biomolecules
with single-molecule sensitivity, in particular fast (ls time range)
loop formation kinetics in DNA hairpins [52]. In these studies, DNA
hairpin molecules were labeled with a FRET pair, and 2dFLCS was
used to generate 2D correlation maps of the donor lifetime. This
correlation map was then used to analyze the hairpin dynamics.
In another study, 2dFLCS was applied to address the prototypical
question of the conformation-function relationship of proteins
[53]. In particular, this study investigated the conformational
dynamics of cytochrome c and revealed a microsecond transition
kinetics between different conformers, and thus elucidated the free
energy landscape of protein folding [53].
7. Conclusion
As we have shown, FLCS can be a useful extension of FCS for all
cases where a state or process of interest is connected with a char-
acteristic fluorescence lifetime or lifetime change, respectively. In
particular, the cross-correlation between different lifetime states
can provide valuable information about rapid (sub-microsecond
to millisecond) transitions between these states which are usually
difficult to access by other methods. This can be particularly useful
in complex luminescent systems where a multi-state reaction
kinetics is observed. As an example, many intrinsically fluorescent
proteins exhibit bi- or multi-exponential fluorescence decay pat-
terns [55–57]. Such a multi-exponential decay pattern is often
due to fast inter-conversion between states having mono-
exponential lifetimes. However, such transitions cannot be disen-
tangled by using conventional FCS, which can see the overall inten-
sity fluctuations connected with these transitions, but cannot
resolve the transition kinetics between them. Here, FLCS can be
the method of choice for resolving individual state transitions
and for measuring their transition rates as was shown here for
the photophysical three-state system in EGFP (Section 5).
In a similar vain, we see a huge potential of FLCS for the inves-
tigation of fast conformational dynamics in biomolecules such as
intrinsically disordered or unfolded proteins [59–60]. When apply-
ing single-molecule fluorescence spectroscopy, the method of
choice is usually single-molecule FRET (smFRET) [61,62] in con-
junction with advanced fluctuation analysis [63–67]. Here, FLCS
can be a valuable complementary method by quantifying correla-
tions of the donor’s lifetime, especially since the theoretical details
for this application are well worked out [68]. A first proof-of-
principle of this idea was presented in [16], where the authors used
FLCS to resolve and quantify the rapid transition between two con-
formational states in a dye-protein construct.
Another emerging and fascinating application of FLCS is its
combination with the recently developed technique of Metal-
Induced Energy Transfer (MIET) [69]. In MIET, one uses the effect
that the fluorescence lifetime and intensity dramatically change
if an emitter is brought close to a metal, due to energy transfer
form the emitter’s excited state to metal plasmons (similar to the
quenching of acceptor fluorescence by a donor in FRET). This can
be i.a. used to measure the distance of a fluorescent emitter from
a metallized surface with nanometer accuracy [70,71]. In conjunc-
tion with FLCS, MIET can be used for investigating rapid molecular
dynamics that is connected with a positional change of a fluores-
cence label with respect to a fixed metallized surface. The advan-
tage of such a FLCS-MIET approach, as compared to conventional
smFRET, would be that it requires only the specific fluorescent
labeling of one site on the molecule of interest (instead of two),
and that it avoids the numerous technical complications usually
associated with precisely quantifying smFRET measurements [72].
In conclusion, it can be expected that FLCS will find broad appli-
cation in all cases where systems or processes of interest are
reported by specific fluorescence lifetime patterns or fluorescence
lifetime changes, and where one is interested in single-molecule
sensitivity.
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Energy Transfer (MIET and GIET)
4.1 Manuscript: Graphene-based metal-induced en-
ergy transfer for sub-nanometer optical localiza-
tion
A recent powerful extension of MIET is graphene-induced energy transfer or GIET where
the metal layer is replaced by a single graphene sheet as the quenching layer. The working
range of GIET is only ∼25 nm, but its spatial resolution is improved almost tenfold as
compared to MIET. The physical working principle of GIET is similar to MIET. Graphene
is a nearly transparent semi-metal composed of a monoatomic crystalline sheet of carbon
with conjugated π electrons. Fluorescent molecules in close vicinity to such a system are
efficiently quenched via resonant energy transfer from their excited states to excitations
of electron-hole pairs in the graphene [172]. In my work ref. [24], we exploited this
quenching property of graphene to localize single fluorophores along the optical axial.
Furthermore, I used GIET to measured absolute distances of fluorophores residing in the
two leaflets of supported lipid bilayers (SLBs). I could also measure the distance of the
bottom leaflet from the support, which was found to be surprisingly large (∼1 nm).
The original research article published as ”Arindam Ghosh, Akshita Sharma, Alexey
I. Chizhik, Sebastian Isbaner, Daja Ruhlandt, Roman Tsukanov, Ingo Gregor, Narain
Karedla and Jörg Enderlein. Graphene-based metal-induced energy transfer for sub-
nanometre optical localization. Nature Photonics 13(12):860–865, 2019.” is presented.
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A.G. was involved in conceiving the project, performed lifetime and defocused imaging
measurements, carried out data analysis and co-wrote the manuscript.
Reproduced with permission, Copyright 2019, Springer Nature.
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Single-molecule fluorescence imaging has become an indis-
pensable tool for almost all fields of research, from funda-
mental physics to the life sciences. Among its most important 
applications is single-molecule localization super-resolution 
microscopy (SMLM) (for example, photoactivated localiza-
tion microscopy (PALM)1, stochastic optical reconstruc-
tion microscopy (STORM)2, fluorescent PALM (fPALM)3, 
direct STORM (dSTORM)4 and point accumulation for imag-
ing in nanoscale topography (PAINT)5), which uses the fact 
that the centre position of a single molecule’s image can be 
determined with much higher accuracy than the size of that 
image itself. However, a big challenge of SMLM is to achieve 
super-resolution along the third dimension as well. Recently, 
metal-induced energy transfer (MIET) was introduced to axi-
ally localize fluorescent emitters6–9. This exploits the energy 
transfer from an excited fluorophore to plasmons in a thin 
metal film. Here, we show that by using graphene as the 
‘metal’ layer, one can increase the localization accuracy of 
MIET by nearly tenfold. We demonstrate this by axially local-
izing single emitters and by measuring the thickness of lipid 
bilayers with ångström accuracy.
For the localization of a single molecule not only laterally, but also 
axially, various techniques have been invented, including astigmatic 
imaging10, bi-plane imaging11 and wavefront shaping12. However, 
all these methods yield an axial localization accuracy that is typi-
cally three to five times worse than the lateral localization accuracy. 
The only exceptions are interference-based methods13,14, but this is 
at the cost of elevated technical complexity. However, it should be 
mentioned that recently developed methods such as direct optical 
nanoscopy with axially localized detection (DONALD)15 or self-inter-
ference (SELFI) microscopy16 allow one to achieve a spatial resolution 
on the order of several tens of nanometres along all three dimensions. 
As mentioned above, metal-induced energy transfer (MIET) uses the 
fluorescence modulation caused by the electromagnetic coupling of 
an emitter’s excited state to surface plasmons in a metal layer to cal-
culate the emitter’s position in relation to the metal surface. Similar 
to Förster resonance energy transfer (FRET), this coupling shows 
a strong distance dependence, but over a much wider range (up to 
150 nm) than FRET, which enables high-precision axial localization 
of fluorescent emitters over a similar axial range as covered in total-
internal reflection fluorescence (TIRF) microscopy. If L denotes the 
range of this interaction, then the achievable localization accuracy 





. This is simi-
lar to the lateral localization accuracy in SMLM, where L would be 
the size of the point spread function. For metal films of gold or silver, 
L ranges from ~150 nm to 200 nm, which allows us to localize single 
molecules to ~5 nm to 6 nm at a photon budget of 1,000 photons6–9.
This situation changes significantly when replacing the metal 
with graphene. Graphene is a two-dimensional (2D) material com-
posed of a monoatomic crystalline sheet of carbon with conjugated 
π electrons. Its electronic energy spectrum corresponds to a zero-
gap semiconductor17,18. The peculiar optical properties of graphene 
monolayers have been thoroughly characterized and described19. 
Similar to metal-based MIET, a fluorescent emitter can efficiently 
couple to graphene via a distance-dependent electromagnetic near-
field coupling. However, this coupling is very similar to classical 
FRET, but here the acceptor is replaced by a planar layer of graphene 
(which plays the role of a ‘dark quencher’). Similar to FRET, the 
coupling range is smaller by approximately one order of magnitude 
than that for MIET with a metal (Fig. 1b). This leads to a tenfold 
better axial resolution and thus provides sub-nanometre localiza-
tion accuracy at photon budgets as low as 1,000 photons.
Next, we give a brief theoretical description of graphene-based 
MIET (gMIET—we will keep the acronym MIET also for graphene), 
which will also be needed for data evaluation, and then present 
experimental results for the axial localization of immobilized mol-
ecules and for distance measurements across a fluorescently labelled 
supported lipid bilayer.
The geometry of a gMIET experiment is shown in Fig. 1a. A 
fluorescent molecule is located at a distance z0 above a substrate 
that consists of a single sheet of graphene sandwiched between a 
glass cover slide and a thin silicon dioxide spacer layer. Fluorescence 
excitation and detection are performed through that substrate, from 
below. The electrodynamic coupling of the excited state of the mol-
ecule to graphene modulates its transition from the excited state to 
the ground state. We model this interaction by treating the excited 
molecule as an ideal electric dipole emitter and the graphene as a 
layer of matter with specific thickness and (complex-valued) bulk 
refractive index. Solving Maxwell’s equations for such a system then 
leads to an expression for the emission power, S(θ,z0), of the electric 
dipole emitter as a function of dipole distance z0 and orientation 
(described by the angle θ between the dipole axis and the vertical 
axis)20–22. The emission power S(θ,z0) itself is inversely proportional 
to the radiative transition rate of the molecule’s excited state to 
its ground state, and together with the non-radiative rate due, for 
example, to collisions with surrounding molecules, defines the mea-
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Here, ϕ is the quantum yield (QY), τ0 is the free-space lifetime in 
the absence of MIET, S0 is the free-space emission power of an 
ideal electric dipole emitter, S0 ¼ cnk40p2=3
I
, with c being the speed 
of light, k0 the wavevector in vacuum, n the refractive index of water 
and p the amplitude of the dipole moment vector. The radiative 
emission rate S(θ,z0) itself can be decomposed as
Sðθ; z0Þ ¼ S?ðz0Þ cos2 θ þ Skðz0Þ sin2 θ ð2Þ
where S⊥(z0) and S∥(z0) are the radiative emission rates of emit-
ters oriented perfectly perpendicular and parallel to the substrate, 
respectively.
Figure 1b shows the calculated relative lifetime (τf/τ0) as a func-
tion of distance z0 for the limiting cases of emitters oriented either 
perfectly parallel or orthogonal to the surface, and for quantum 
yield values between 0.1 and 1.0. For these and all subsequent cal-
culations, we adopted a graphene layer thickness of 0.34 nm and 
a refractive index of ngraphene = 2.77 + 1.41i (corresponding to an 
emission wavelength of 680 nm)19. The thickness of the silica layer 
(refractive index nSiO2 ¼ 1:46
I
) above the graphene was set to 5 nm 
and the half space above is water (refractive index nH2O ¼ 1:33
I
).
As can be seen, graphene-induced fluorescence quenching/
modulation takes place within the first ~25 nm, on a much shorter 
length scale than the typical interaction range of ~150 nm for gold 
or silver layers. The core idea of MIET is to use this strong lifetime-
on-distance dependence for converting a measured lifetime into a 
distance value by using the model curve as shown in Fig. 1b. This 
requires knowledge of the intrinsic QY of the used dye, which has 
to be measured a priori, for example with a nanocavity resonator 
method23. To calculate gMIET curves for the data evaluation of 
experimental measurements, one has also to take into account that 
real dyes exhibit broad emission spectra. In that case, one has to 
calculate S(θ,z0) also as a function of wavelength using the known 
dispersion relation for graphene19 and to weigh the final result 
with the emission spectrum of the dye (see Supplementary Section 
‘Conversion of lifetime values to distance values’).
As a proof of principle, we checked gMIET by measuring the 
absolute distances of single molecules from a surface for samples 
with a well-known sample geometry. We spin-coated fluorescent 
dye molecules (Atto 655) on top of three different substrates with 
silica spacer thickness values of 10 nm, 15 nm and 20 nm, defin-
ing the distance of the molecules from the graphene layer (see 
Supplementary Sections ‘Substrate preparation’ and ‘Sample prepa-
ration’). Fluorescence intensity and lifetime images of the samples 
were taken with a confocal laser scanning microscope, using 
pulsed laser excitation and time-correlated single-photon counting 
(TCSPC) for fluorescence lifetime measurements (laser focus diam-
eter of ~220 nm, total excitation power of 20 μW, laser pulse width 
and repetition rate of 50 ps and 40 MHz, respectively, scan speed 
of 1 μm/40 ms) (see Supplementary Section ‘Fluorescence lifetime 
measurements’). In each scan image (Supplementary Fig. 1), indi-
vidual molecules were identified and their corresponding photons 
pooled to obtain single-molecule fluorescence decay curves. The 
average numbers of detected photons from one molecule were 
1,489, 4,786 and 6,033, respectively, showing the increasing fluores-
cence quenching by graphene with decreasing distance.
The single-molecule fluorescence decay curves were tail-fitted 
with a single-exponential decay function (discarding all photons 
that where detected faster than half a nanosecond after the laser 
excitation pulse), thus yielding a fluorescence decay time for each 
identified molecule (see Supplementary Section ‘Lifetime fitting’ 
and Supplementary Fig. 2). Typical decay curves and fits for single 
molecules are shown in Fig. 2a. Histograms of all determined life-
time values for all three samples are shown in Fig. 2b. In the theoret-
ical discussion above, when calculating the lifetime-versus-distance 
curves, we assumed that the emitters are rapidly rotating on a much 
faster timescale than the fluorescence decay time, which is the typi-
cal case for most samples where dye molecules are attached to struc-
tures of interest (proteins, DNA and so on) via short highly flexible 
carbon linkers. For the current sample of immobilized molecules, 
this assumption is no longer correct. To determine the orienta-
tion distribution of the immobilized molecules, we used defocused 
imaging24,25. In Fig. 2c, we present defocused images of the mole-
cules on the graphene/silica substrate (see Supplementary Section 
‘Defocused imaging’), from which we can extract the distribution 
ρ(θ) of emission dipole inclination angles θ with respect to the opti-
cal axis as shown in Fig. 2d. Knowing this distribution, equation (1) 




dθ sin θρðθÞτf ðz0; θÞ ð3Þ
To calculate this curve, we have to know the quantum yield and 
the free-space lifetime for the immobilized molecules, which we 
measured using our recently developed nanocavity method23 and 
employing the known orientation distribution from Fig. 2d. The 
determined values are τ0 = 2.9 ns for the free-space lifetime and 
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Fig. 1 | Graphene-based MIET. a, Schematic of a gMIET experiment. b, Relative fluorescence lifetime τ/τ0 as a function of distance z0 of a molecule from 
the surface of a silica spacer of 5 nm thickness. The blue and red curves refer to molecules oriented perpendicular and parallel to the surface, respectively, 
and the shaded region covers quantum yield values between ϕ = 0.1 and ϕ = 1.0. Calculations were performed for a single emission wavelength of 680 nm. 
The refractive index of the upper medium was set to 1 and that of glass to 1.52.
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in Fig. 2e together with the curves for both horizontal and vertical 
dipole orientation. In this figure, the yellow shading represents a 
superposition of gMIET curves for all possible orientation angles θ 
where the shading intensity corresponds to the value of ρ(θ). Using 
the orientation-averaged gMIET curve, we converted the measured 
lifetime of each molecule into a distance value. The resulting histo-
grams are shown in Fig. 2f, where above each distribution its mean 
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Fig. 2 | Axial localization of single molecules with graphene-based MIET. a, Example fluorescence decay curves for three different molecules on the three 
studied substrates with a 10 nm, 15 nm and 20 nm SiO2 spacer on top of the graphene layer. The yellow shaded region is used for a maximum likelihood 
mono-exponential tail fit of the fluorescence decay time. b, Lifetime distributions as obtained by tail-fitting the decay curves of individual molecules. 
Numbers above the distributions indicate how many molecules contributed to the corresponding distribution. The mean numbers of detected photons 
per molecule that were used for tail-fitting the lifetime were 1,489, 4,786 and 6,033 for the 10 nm, 15 nm and 20 nm samples, respectively. Solid lines 
represent fits of a general gamma distribution to the histograms. c, Measured defocused wide-field image of single molecules (left) of Atto 655 deposited 
on a glass/SiO2 sample and theoretically fitted defocused image (right). Scale bar, 1 μm. d, Bar histogram of molecular orientation distribution (angle 
towards the vertical axes) as extracted from the defocused images shown in c. e, Calculated gMIET calibration curves: blue and red curves show the 
gMIET calibration curves that one would have for purely horizontally or vertically oriented molecules. The yellow density plot shows a distribution of 
gMIET curves where the shading reflects the weight proportional to the orientation distribution from d. The green curve is the corresponding orientation-
averaged gMIET calibration curve as used for subsequently converting the experimental lifetime to distance values. f, Distance distributions as obtained by 
converting the lifetimes from b into distance values by using the green gMIET calibration curve from e.
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of lifetime values to distance values’). As can be seen, there exists 
a small systematic bias of ~1 nm towards larger distance values 
than those expected from the sample preparation. We identify two 
possible origins of this deviation. One origin can be the surface 
roughness of the samples. We performed atomic force microscopy 
measurements of the silica layer surface of our samples and found a 
rather large root-mean-square value for the surface roughness rang-
ing from 1.5 nm to 2.1 nm (Supplementary Fig. 5). This may also 
explain why we observe such a broad dipole orientation distribu-
tion, in contrast to similar experiments for molecules deposited on 
flatter substrates8. Another origin of the observed deviation may be 
the surface-induced heterogeneity of the photophysical parameters 
of the immobilized molecules. Previous experiments have shown 
that surface-immobilized molecules can exhibit a rather broad 
distribution of quantum yield values26. In our case, this leads to a 
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Fig. 3 | Graphene-based MIET measurement of the thickness of SLBs. a, MIET curves for the bilayer experiment. To estimate the impact of an ~5-nm-
thick bilayer of refractive index 1.46, we calculated MIET curves assuming no bilayer was present, with a bilayer above and with a bilayer below the 
fluorophore’s position. b, Image of a GUV under linearly polarized excitation (the double-headed arrow indicates the excitation polarization). c, Lifetime 
distributions for DLPC as a function of photons per TCSPC curve. The solid white lines show the mean value ± the square root of the variance of the 
lifetime distributions as a function of photon number. d, Distance distribution corresponding to c. For the conversion from lifetime to distance, we used the 
blue curve from a for all lifetime values larger than 1.25 ns and the red curve for all lifetime values smaller than 1.25 ns. The white gap reflects the difference 
between the red and blue curve in a. e,f, Distributions similar to those in c,d but for DOPC. To convert the lifetime values of e into the distance values in f, 
we used the blue curve from a for all lifetime values larger than 1.5 ns and the red curve for all lifetime values smaller than 1.5 ns.
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also introduce a slight systematic bias of the average distance values 
with respect to the actual ones. However, it should be emphasized 
that the relative differences of vertical positions are reproduced cor-
rectly, showing a 5 nm increase from sample to sample. As another 
validation of gMIET, we performed axial localizations of two emit-
ters on top of a DNA origami platform. Using a custom-designed 
DNA origami, we positioned Atto 647N fluorophores at two specific 
heights and used gMIET to localize them axially with nanometre 
accuracy (see Supplementary Section ‘Multi-emitter localization on 
top of DNA origami using gMIET’ and Supplementary Fig. 3). To 
demonstrate that gMIET works across the full visible spectrum, we 
also performed gMIET measurements for the blue-green dye Atto 
488. As in the case of Atto 655, we sparsely deposited single Atto 
488 molecules on graphene samples coated with an SiO2 spacer of 
10 nm thickness and determined their distance from the graphene 
layer (see Supplementary Section ‘Axial localization of single Atto 
488 molecules using gMIET’ and Supplementary Fig. 4).
An important application of gMIET could be the study of lipid 
bilayers and cellular membranes, which have typical thicknesses of 
~5 nm that cannot easily be resolved by current fluorescence imag-
ing methods. Here, we applied gMIET to estimate the thickness 
of supported lipid bilayers (SLBs) by localizing fluorescent dyes 
attached to lipid head groups in the bottom and top leaflets of the 
SLB. Using vesicle fusion, we prepared pure dioleoylphosphatidyl-
choline (DOPC) and dilauroylphosphatidylcholine (DLPC) SLBs 
on our graphene substrates with a low percentage of lipids that were 
fluorescently labelled with the dye Atto 655 (see Supplementary 
Section ‘Sample preparation’ for the SLB preparation protocol). We 
recorded fluorescence decay curves from these samples at 20 °C by 
scanning an area of 5 μm × 5 μm, and we fitted these decay curves 
with a bi-exponential function. Distributions of these fitted fluo-
rescence decay times as a function of the number N of photons 
per TCSPC curve are shown in Fig. 3c for DOPC and in Fig. 3e 
for DLPC (the total number of recorded photons was 4.3 × 107 for 
the DOPC sample and 1.6 × 108 for the DLPC sample). To generate 
these distributions, we chopped the full measurement into bunches 
of N photons and fitted the corresponding TCSPC curves.
As discussed above, to convert these lifetime values into cor-
rect distance values, additional information on dye orientation is 
required. For this purpose, we prepared giant unilamellar vesicles 
(GUVs) using the same lipids and labelling, and imaged them under 
polarized excitation light (see Supplementary Section ‘Dye orienta-
tion in GUVs’)27. The observed intensity distribution shown in Fig. 
3b is consistent with a dye orientation parallel to the bilayer surface. 
Furthermore, we again used the nanocavity method to measure the 
free-space lifetime and QY of the lipid-bound Atto 65528. For the 
DOPC-bound Atto 655, we found values of τ0 = 2.6 ns for the free-
space lifetime and ϕ = 0.36 for the QY, and we used these values also 
for the DLPC SLBs. It should be noted that coupling of fluorophores 
to a lipid changes its local environment, and this does impact its 
non-radiative decay rate and thus QY. As a result, QY values for 
molecules in aqueous solution and attached to a lipid can be quite 
different. In the model calculation, we took into account the pres-
ence of the bilayer, assuming a bilayer refractive index of 1.46 and a 
rough estimate of the bilayer thickness of 5 nm.
Using the resulting gMIET calibration curve as shown in Fig. 3a, 
we converted the lifetime values into distance values, as shown in 
Fig. 3d for the DLPC SLB and in Fig. 3f for the DOPC SLB. For this 
conversion, we used the gMIET curve labelled as ‘5 nm lipid above’ 
in Fig. 3a for the short lifetime component (bottom leaflet) and the 
curve labelled as ‘5 nm lipid below’ for the long lifetime component 
(top leaflet). As can be seen from Fig. 3d,f, the relative width of the 
distribution becomes very small for a large number of photon counts 
per TCSPC measurement. In the limit of very large numbers (right 
edge of figures at 107 photons), we determined the following values 
for dye positions: for the bottom and top leaflets of DLPC we find 
1.09 ± 0.04 nm and 5.13 ± 0.04 nm, respectively, and for the bottom 
and top leaflets of DOPC we find 1.4 ± 0.1 nm and 6.9 ± 0.1 nm. Thus, 
the distances between top and bottom leaflets are 4.04 ± 0.06 nm for 
the DLPC SLB and 5.5 ± 0.2 nm for the DOPC SLB. These values 
are in excellent agreement with literature values29,30, which report 
head-group-to-head-group distances of 3.3 ± 0.07 nm for DLPC and 
4.6 ± 0.2 nm for DOPC. In our measurements, the dye distance val-
ues are larger due to the finite linker length and the size of the dyes 
themselves. Amazingly, for DOPC the reported thickness value for 
the hydration layer between substrate and bottom leaflet of 1.79 nm 
(ref. 31) also agrees surprisingly well with our finding of 1.4 ± 0.1 nm 
for the bottom-leaflet-dye-to-substrate distance.
In summary, we have demonstrated that gMIET, with its steep 
lifetime-on-distance dependence, allows us to enhance the axial 
resolution of MIET from a few nanometres to the ångström level. 
The excellent optical transparency of graphene compared to gold 
films makes gMIET an extremely sensitive tool for single-molecule 
studies where the photon budget is limited. Moreover, any fluo-
rescent dye can be exploited for gMIET as long as its fluorescence 
decay behaviour and QY are well known a priori. We believe that 
the technical simplicity of MIET that has led to many applications 
in the life sciences6,32–35, along with the ample availability of com-
mercial graphene substrates, will make gMIET a powerful tool for 
numerous applications where one is interested in resolving dis-
tances with sub-nanometre accuracy, such as in artificial bilayers, 
cellular membranes or macromolecular complexes. An attractive 
extension of gMIET will be its combination with the recently intro-
duced MINFLUX36, which would add similarly high lateral resolu-
tion at comparable photon budgets, thus realizing 3D localization 
with sub-nanometre isotropic resolution9.
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1 Substrate preparation
Plasma cleaned glass coverslips (24 mm× 24 mm, thickness 170 µm) coated with a graphene
monolayer (0.34 nm thickness) were purchased from Graphene Supermarket, New York, USA.
These coverslips were coated in-house with SiO2 spacers of 10 nm, 15 nm, and 20 nm thickness by
evaporation using an electron beam source (Univex 350, Leybold) under high vacuum conditions
(10× 10−6 mbar). Slowest rate of deposition was maintained (1 Å s−1) to ensure maximal homo-
geneity. The spacer thickness was continuously monitored during evaporation with an oscillating
quartz unit. For supported lipid bilayer (SLB) measurements, a silica spacer of 10 nm was deposited




For single-molecule FLIM imaging, Atto 655 (ATTO-TEC GmbH, Siegen, Germany) molecules
were used. Briefly, 1 nM stock solution of Atto 655 was diluted to 100 pM in Millipore water
(18.2 MΩ cm at 25 ◦C) and a 10 µl aliquot of the same solution was spin-coated onto the substrates
at 8000 rpm for 50 s. The fluorophore was particularly chosen for its well-known good photo-stability
in air.
Supported lipid bilayers (SLBs) were prepared by vesicle fusion to the substrate as de-
scribed in Ref.1 Small unilamellar vesicles (SUVs, diameter ∼50 nm to 100 nm) composed of
1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) or 1,2-dilauroyl-sn-glycero-3-phosphocholine
(DLPC) were used (Avanti Polar Lipids, Alabama, USA). Lipids with fluorescently labelled head
groups (Atto 655), namely 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine (DPPE) and 1,2-
dilauroyl-sn-glycero-3-phosphoethanolamine (DLPE) were purchased (ATTO-TEC GmbH, Siegen,
Germany). Unlabelled lipids were dissolved in chloroform at a concentration of 10 mg/ml whereas
the fluorescently labelled lipids were diluted to 0.01 mg/ml. For preparation of Atto 655-DPPE-
DOPC SLB, 1 µl of Atto 655-DPPE was mixed to 80 µl of DOPC. The solution was dried in
vacuum at 30 ◦C for 1 h for evaporating the chloroform and obtaining a thin film. The film was then
re-suspended with buffer solution (20 mM Tris-Cl, 100 mM NaCl, 10 mM CaCl2, pH 7.4), followed
by thermomixing (Thermomixer Comfort, Eppendorf) for 1 h at 30 ◦C. After mixing, the solution
was passed through a polycarbonate membrane with a pore diameter of 50 nm for extruding SUVs.
The SUVs obtained were then deposited on the substrate and allowed to fuse for 1 hour to form a
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Figure S1: Confocal scan of spin-coated Atto 655 molecules on a 20 nm silica coated graphene surface. The left panel
shows a 40 µm× 40 µm raw area scan image obtained from the experiment. Right panel shows the same intensity image
reconstructed after identifying single emitter pixels using a pattern matching algorithm. Scale bar corresponds to 7 µm.
uniform bilayer. The incubation was followed by a wash with the buffer solution (20 nM Tris-Cl,
100 mM NaCl, 10 nM CaCl2, pH 7.4) at least 20 times to remove unbound vesicles. The same
protocol was followed for preparation of Atto 655-DLPE-DLPC bilayer.
Giant unilamellar vesicles (GUVs) were prepared by electro-formation in a custom built
chamber. DOPC and Atto 655-DPPE were used to prepare GUVs. A lipid mixture of 98 µl of
DOPC and 2 µl of Atto 655-DPPE in chloroform was deposited on the lower electrode plate and
evaporated for 30 min under vacuum. The chamber was filled with 500 µl of 300 mM sucrose
solution. Electroformation was performed for 3 h at 15 Hz alternating electric current (AC) and
a peak-to-peak voltage of 1.6 V followed by 8 Hz AC for 30 min. 500 µl of 300 mM glucose was
added to the chamber after the electroformation with simultaneously rinsing the electrode surface,
the final suspension of GUVs were collected.
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3 Fluorescence Lifetime Measurements
Fluorescence lifetime measurements on surface immobilised dye molecules and supported lipid
bilayers was performed using the commercial confocal setup Microtime 200 (PicoQuant GmbH,
Berlin, Germany). 2 The system is based on an Olympus IX-71 inverted microscope (Olympus
Deutschland, Hamburg, Germany) amended with a side-port on the right side. For single-molecule
FLIM measurements, areas of 40 µm× 40 µm on the sample were scanned with a pixel dwell-
time of 4 ms (100 nm effective pixel-size) with the aid of a three-axis piezo stage (P-562.3CD,
Physik Instrumente, Karlsruhe, Germany). The excitation unit consists of a pulsed diode laser
(λexc = 640 nm, LDH-D-C 640, PicoQuant) having a pulse width of 50 ps FWHM and repetition
rate of 40 MHz. Additionally, a clean-up filter (Z640/10, Chroma Technology) was used in the
excitation path. A polarisation-maintaining single-mode optical fibre (PMC-400-4.2-NA010-3-APC-
250 V, Schäfter and Kirchhoff, Hamburg, Germany) was used to guide the laser light towards the
microscope. The main optical unit consists of a fibre output that collimates the light into a beam of
12 mm diameter via an infinity-corrected 4x objective (UPlSApo 4X, Olympus). This beam was
reflected by a quad-band dichroic mirror (Di01-R405/488/561/635, Semrock) towards the objective
lens through the side port of the microscope. The laser power was maintained at ∼20 µW at the
back-focal plane of the objective lens. A high numerical aperture objective (UApoN 100X oil, 1.49
N.A., Olympus) was used to focus the light into the sample and was also used for collecting the
fluorescence emission. Emission light was passed through the dichroic mirror and focused into a
pinhole (diameter 100 µm) for confocal detection. After the pinhole, the light was refocused onto an
avalanche photo diode (τ -SPAD, PicoQuant) using two achromatic lens doublets. In order to block
4
77
Figure S2: Fitted lifetime and its error. In the left panel, the lifetime is calculated from the average fitted lifetime (blue
line) and displayed with its error calculated from the standard deviations (shaded area). The dashed lines mark the
true lifetime and the ideal shot noise limit of τ/
√
N . In the right panel, only the lifetime error is shown in a double
logarithmic scale. The deviation from the ideal error is around ∼ 15%.
back-scattered excitation light, a long-pass filter (BLP01-635R, Semrock) was used. Additionally,
we used a band-pass filter (Brightline HC692/40, Semrock) before the detector. Dark count rate
of the detector was less than 150 counts per second. Signals from the detector were processed by
a multi-channel picosecond event timer (Hydraharp 400, PicoQuant) with 16 ps time resolution.3
Time-correlated single-photon counting histograms (TCSPC) were calculated from the timed photon
signals. Figure S1 shows a typical scan image of fluorophores spin-coated on a 20 nm silica spacer
on graphene.
4 Lifetime Fitting
For each molecule, a TCSPC histogram was computed from the recorded photons. A mono-
exponential decay function was fitted to the tail of the histogram (0.5 ns after the maximum) using a












where τ is the fluorescence lifetime, A the amplitude, and b the background. The negative log-
likelihood
∑
i h(ti) log(I(ti)) − I(ti), where hi is the recorded TCSPC histogram and the sum
runs over all TCSPC channels, was minimised using a Nelder-Mead simplex algorithm. Initial
parameters for the optimisation were obtained by choosing the parameter set that minimises the
least-squares error from a collection of exponential functions. We determined the fitting accuracy
for our experiment with a Monte Carlo simulation, see Figure S2. We simulated TCSPC histograms
with a signal-to-background ratio of 10 and a lifetime of 2 ns. The exponential decay was convoluted
with a Gaussian function as the instrumental response function (IRF) and the same cutoff was
applied as for the data. Poissonian noise was applied to the histogram and the histogram was fitted
as described above. This was repeated 1000 times. The mean of the fitted lifetimes is shown together
with the standard deviation in Figure S2. We found no significant bias for our fitting procedure,
even for as few as 100 photons. In the ideal case of a mono-exponential decay and no background,
the lifetime can be estimated to a precision of τ/
√
N where N is the number of recorded photons.
Because our model estimates the amplitude and the background additionally, the lifetime error is
∼ 15% larger than for the ideal case. For example, the precision for fitting 1000 photons is 77 ps,
which would allow for a localization precision of < 1 Å (if the lifetime fitting would be the only
source of error).
5 Defocused imaging
For determining the orientation of single molecules on a surface, we used defocused imaging. For
that purpose, we spin-coated a 100 pM solution of Atto 655 molecules on a substrate with 20 nm
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silica spacer on graphene. An emCCD camera (iXon DU-885K, Andor Technology, Ireland) was
used for recording wide-field fluorescence images. A linearly polarised diode (PhoxX 647, 140
mW, Omicron Laserage, Germany) with λexc = 647 nm was used for excitation. The laser beam
was focused on the back aperture of objective lens (UApoN 100XOTIRF, 1.49 N.A., Olympus).
The focused beam was shifted across the back aperture using a movable mirror in order to create
a TIR illumination. Average laser intensity was 200 W/cm2. Emission was collected by the same
objective and then passed through the dichroic mirror (Di01-R405/488/561/635, Semrock) before
being refocused onto the camera chip. The camera was cooled down to −80 ◦C, preamp-gain was
set to 3.7, and an em-gain of 20 was chosen. Experiments were done with an exposure time of ten
seconds. In order to acquire defocused images, the objective was moved about ∼1 µm towards the
sample. Figure 2c in the main text shows defocused intensity patterns of Atto 655 molecules having
an effective pixel size of 130 nm. Calculation of model patterns for various orientations and defocus
values, and data fitting with the computed patterns were done using the theory provided in Ref. 4
6 Dye orientation in GUVs
Fluorescently labelled giant unilamellar vesicles (GUVs) were imaged on a home-built wide-field
microscope. A linearly polarised laser beam (λexc = 637 nm, OEM-SD-637-500) was used for
excitation. Emission was imaged with an emCCD camera (Ixon Ultra 897, Andor Technology,
Ireland). Experiments were performed while cooling the camera to −70 ◦C, with an acquisition
time of 1 second and an em-gain of 30. The underlying idea of this experiment is to identify high
emission intensity areas in the image, which provides information about dye orientation with respect
7
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to the bilayer of the GUVs (see 5 for details). Figure 3b in the main text shows a typical GUV image,
which shows that the dye molecules are oriented parallel to the bilayer surface.
7 Conversion of lifetime values to distance values
The theoretical background of calculating Metal-Induced Energy Transfer (MIET) curves for
converting measured lifetime values into substrate-fluorophore distances is indicated in the main text,
and all the technical details have already been published elsewhere.6, 7 A MATLAB-based software
package for the calculation of MIET lifetime-versus-distance curves as well as the conversion of
lifetime data to distance maps, equipped with a graphical user interface, has been published free of
charge at https://projects.gwdg.de/projects/miet.
While the published version of the software assumes that the dipole molecules are rotating quickly
compared to their excited state lifetime, this was not the case for the measurements of the present
work. For the measurements of single molecules spin-coated on graphene substrates with varying
silica spacer thickness, the orientation distribution of immobilised molecules was taken into account
as detailed in the main text. For evaluating the lifetimes of dyes in SLBs, a dye orientation parallel
to the bilayer (and thus to the substrate) was assumed as described in the previous section.
8 Multi-emitter localization on top of DNA origami using gMIET
We used gMIET to co-localize axially two emitters attached to DNA origami at two different design
heights. We designed a two-dimensional DNA origami structure 8 with two DNA double-strands
perpendicular to its surface. A further DNA strand, labelled with an Atto 647N fluorophore, was
8
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Figure S3: Co-localization measurement of two Atto 647N fluorophores on DNA origami. (a-c) Reference measurement
of DNA Origami structures on top of a glass surface. (a) DNA origami design: two Atto 647N molecules are attached to
the structure at different heights. (b1) Representative single-molecule intensity time trace. (b2) Normalised TCSPC
histogram of the same molecule. (c) Lifetime histogram of 33 doubly-labelled DNA origami structures. (d-f) DNA
origami structures measured on top of graphene (SiO2 spacer thickness is 5 nm). (e1) Representative single-molecule
intensity time. (e2) TCSPC histograms of the emitters. The colours correspond to the bleaching steps in time trace. (f)
Height histogram of 29 doubly-labelled DNA origami structures.
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designed to hybridise against two elongated DNA origami staples, in the opposite directions, as
shown on Figure S3a. In this way we placed the emitter at a height difference of about 8 nm
from each other. The DNA origami was attached to the surface using biotin-avidin. During the
experiment, a low coverage of molecules on the surface was used to be able to distinguish between
individual origami constructs. Data for individual origami constructs were acquired manually
point-by-point, until total photo-bleaching of the attached fluorophores. For this purpose, areas
of 40 µm× 40 µm were initially scanned for identifying and localizing single structures, and then
point-by-point lifetime and intensity measurements were performed. Blinking of DNA-bound
Atto 647N fluorophores was suppressed by addition of Trolox 2 mM into the imaging buffer (Tris
10 mM, EDTA 1 mM , NaCl 40 mM). Two-step bleaching was observed in at least 80 percent of
the measured structures. A typical time trace and TCSPC histogram are shown in Figure S3b. For
reference, similar measurements were done on glass cover-slides with no graphene/SiO2. In the
lifetime histogram built from many individual measurements, a single peak is found at (4.2± 0.1) ns,
Figure 3c. Then, DNA origamis were immobilised using an identical procedure on top of 5 nm silica
coated graphene, Figure S3d. As expected, the intensity of the lower emitter was more quenched then
that of the upper one. A typical time trace is shown on Figure S3e1. Step-wise bleaching analysis of
the lifetimes of two emitters was performed as described previously 9. Briefly, bleaching steps were
identified and the corresponding TCSPC histograms were calculated, as shown in Figure S3e1-2.
The colours of the TCSPC histograms in Figure S3e2 correspond to the colours of the time trace
patches between bleaching steps as shown in Figure S3e1. In order to extract lifetime values, we first
fit the TCSPC histogram for one single emitter (red curve), and afterwords perform a bi-exponential
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fit for the TCSPC histogram of two emitters (blue curve), while we fixed the obtained lifetime value
from the single emitter fit. All the fitted lifetime values were then converted into height values, see
Figure S3f. Two peaks are visible at (18.8± 2.8) nm and (28.4± 1.7) nm. The height for the lower
emitter agrees with the design value, while the height of the upper emitter slightly deviates from its
design value. This is possibly due to a tilt of the DNA origami structure, as seen before for similar
structure which were attached to a surface9.
9 Axial localization of single Atto 488 molecules using gMIET
To demonstrate that gMIET works also well in the blue-green spectral region, we localize single
Atto 488 molecules spin-coated on graphene coated with 10 nm thick SiO2. We measured the
fluorescence lifetime of the fluorophores following the same procedure as described for Atto 655.
Again, we used defocused imaging for determining emission dipole inclination angles of the
molecules. The gMIET calibration curve for Atto 488 was then calculated by using the free-space
lifetime, quantum yield, and orientation information. Free space lifetime τ0 = 3.6 ns and quantum
yield φ = 0.74 were taken from a previously published report 10. We obtain an axial distance of
12±2 nm, where the bias of ∼ 2 nm originates most likely from surface roughness and quantum
yield variations of adsorbed molecules. Lifetime and orientation distributions along with the gMIET
calibration curve and height distribution are presented in figure S4.
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Figure S4: Axial localization of single Atto 488 molecules using gMIET (a) TCSPC histogram for a single Atto 488
emitter. The shaded region is used for a maximum likelihood mono-exponential tail fit of the fluorescence decay
time. (b) Lifetime distributions as obtained by tail-fitting the decay curves of individual molecules. Numbers above a
distribution indicate how many molecules contributed to the corresponding distribution. Solid lines represent fits of
a general Gamma distribution to the histograms. (c) Measured defocused single molecule images (left) for Atto 488
molecules deposited on SiO2, and theoretically fitted defocused images (right). Scale bar is 1 µm. (d) Bar histogram of
molecular orientation distribution (angle towards the vertical axes) as extracted from the defocused images shown in (c).
(e) Calculated gMIET calibration curves: Blue and red curves show the gMIET calibration curves which one would
have for purely horizontally or vertically oriented molecules. The yellow density plot shows a distribution of gMIET
curves where the shading reflects the weight proportional to the orientation distribution from panel (d). The green curve
is the corresponding orientation-averaged gMIET calibration curve used for subsequently converting experimental
lifetime to distance values. (f) Distance distributions as obtained by converting the lifetime values from panel (b) into
distance values by using the green gMIET calibration curve from panel (e).
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Figure S5: AFM image of a graphene surface coated with 15 nm SiO2. In this case, we obtain a root-mean-square value
of roughness as 1.8 nm. AFM scans were performed on the same substrate on which single molecule fluorescence
lifetime measurements on Atto 655 were done.
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CHAPTER 4. METAL- AND GRAPHENE-INDUCED ENERGY TRANSFER (MIET
AND GIET) 89
4.2 Manuscript: Graphene- and metal-induced en-
ergy transfer : from single-molecule imaging to
live cell nanoscopy with (sub)-nanometer axial
resolution
In this protocol, I present a detailed workflow for GIET and MIET imaging. We discuss
previously published experimental results of the methods [22, 24] and present a detailed
description of the instrumentation, sample preparation, data acquisition and analysis, in
a step-by-step manner. We believe that this protocol will provide a an easy-to use recipe
for performing MIET and GIET experiments, which will make the techniques much more
accessible to the scientific community.
This invited protocol is currently under revision. The protocol will be published as
”Arindam Ghosh, Alexey I. Chizhik, Narain Karedla and Jörg Enderlein. Graphene-
and metal-induced energy transfer : From single-molecule imaging to live cell nanoscopy
with (sub)-nanometer axial resolution. Nature Protocols ”. A.G. co-wrote the manuscript
with inputs from other authors. A.G. generated figures 1,2 and 3. Figure 4 and 5 were
taken and reproduced with permission from the previously published original report on
GIET [24]. Figures 6, 7 and 8 were adapted and reproduced with permission from the
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Abstract 
Super-resolution fluorescence imaging that surpasses the classical optical resolution limit is 
widely utilized for resolving the spatial organization of biological structures at molecular length 
scales. Among the most commonly used super-resolution methods are STED [1] and single-
molecule localization based super-resolution microscopy (SMLM) techniques such as photo-
activated localization microscopy (PALM) [2], stochastic optical reconstruction microscopy 
(STORM) [3], fluorescent PALM (fPALM) [4], direct STORM (dSTORM) [5], or point 
accumulation for imaging in nanoscale topography (PAINT) [6, 7]. For achieving super-
resolution in SMLM also along the optical axis, several schemes such as bi-plane imaging [8], 
astigmatic imaging [9], or wavefront shaping [10] have been developed and successfully applied 
for the study of 3D biological structures. Nonetheless, the achievable axial localization accuracy 
is typically three to five times worse than the lateral localization accuracy. The only exceptions 
are interferometric methods such as iPALM [11, 12] or isoSTED [13, 14], but for the price of 
enormous technical complexity. Recently, metal-induced energy transfer (MIET) imaging was 
developed for localizing fluorophores along the axial direction with nanometre accuracy, using 
only a conventional fluorescence lifetime imaging microscope (FLIM) [15]. Recently, we 
demonstrated that replacing the metal layer with graphene (graphene-induced energy transfer 
or GIET) [16] enables sub-nanometre optical localization. Here, we provide a step-by-step 










Most of the SMLM methods exploit switching of fluorescent emitters between fluorescent on-states 
and non-fluorescent off-states. One records consecutive images with different sub-set of molecules 
switched into a fluorescent on-state such that in each image the fluorescing molecules are spatially 
separated. In a subsequent step, images of individual molecules are identified and localized with high 
precision. By repeating this for many different subsets of molecules, on consecutively accumulates a 
final image of single molecule localizations, representing the sample with a spatial resolution much 
superior to the classical resolution limit. The physical basis of this approach is the fact that the centre 
position of a single molecule’s image can be determined with a higher accuracy than the size of the 
image itself (latter is determined by the optical resolution of the used microscope). An alternative 
method, MINFLUX [17] was developed recently where the position of a fluorophore is probed by a 
scanning focus with zero intensity at the centre. For that purpose, MINFLUX uses a donut-shaped 
excitation beam profile (similar to the donut beam used in stimulated emission depletion (STED) 
microscopy [1]) and determines the position of the emitter with respect to the centre of the donut where 
it will not be excited. MINFLUX achieves a localization precision of ~1 nm at much lower photon 
budget than usually required by all conventional SMLM methods. Recently, 3D MINFLUX 
demonstrated such a resolution even along the optical axis [18]. However, similar to iPALM or 
isoSTED, MINFLUX is a technically complex method that currently limits its wider application.  
 
We introduced MIET imaging as a rather simple alternative for optical localization of fluorophores 
along the third dimension. The underlying principle of MIET is based on an electromagnetic-field-
mediated energy transfer from an optically excited fluorescent emitter (donor) to a thin planar metal 
film (acceptor). The effect of the energy transfer is manifested by a distance-dependent modulation of 
an emitter’s fluorescence lifetime. The energy transfer from the excited state to the planar metal film 
is a predominantly a near-field effect and very similar to Förster resonance energy transfer (FRET). 
However, unlike FRET, the planar geometry of the acceptor leads to a monotonous relation between 
lifetime and distance up to ~150 nm from the metal layer, i.e. over an interaction range that is ca. ten 
times larger than that of typical FRET. Since the energy transfer rate depends on the distance of an 
emitter from the metal layer, fluorescence lifetime values can be directly converted into axial distance 
values with nanometre accuracy [19, 20, 21, 22, 23, 24, 25, 26]. Recent studies have shown that using 
materials such as indium-tin oxide (ITO) or graphene as the quenching layer reduces the interaction 








metal with a graphene monolayer, the interaction range comes down to ~25 nm, and consequently the 
localization accuracy of MIET is improved by nearly an order of magnitude [16]. In this Protocol, we 
provide a detailed description of the workflow of MIET measurements both with metal and graphene 
as quenchers. Firstly, we provide a theoretical basis for the quantitative understanding of MIET and 
GIET. Secondly, we present a detailed step-by-step protocol for exemplary MIET and GIET 
experiments and data analysis.  
 
Principle of MIET and GIET 
Depending on the desired maximal resolution and required dynamic distance range, one selects either 
graphene (GIET) or metal (MIET) coating for a substrate. The general sample geometry of (g)MIET 
experiments is depicted in Fig. 1A. A substrate consists of a thin semi-transparent metal film or a 
graphene layer deposited on top of a cleaned glass coverslip. An additional thin transparent silica 
substrate is deposited on top of the quenching layer which prevents direct contact with fluorescent 
molecules and protects the layers beneath from chemical or physical damage. For the current work, 
we used for MIET a 10 nm gold film sandwiched between 2 nm and 1 nm titanium layers above and 
below, evaporated on top of a standard glass coverslip (thickness = 170 µm, refractive index = 1.52). 
For GIET, a graphene monolayer (thickness of 0.34 nm) is used instead of the metal layers. The 
thickness of the silica spacer on top depends on the desired application, as we will be 
demonstrated on several examples below. We will refer to this layered substrate as MIET/GIET 
substrate for the remainder of this article. Excitation and detection of fluorescence is done through this 
substrate from beneath with a high numerical aperture objective. The near-field coupling of a 
fluorescing molecule with the MIET substrate has been modelled and described in detail in several 
publications [25, 26]. The fluorescing molecule is modelled as an ideal electric dipole emitter 
positioned at a distance z0 from the substrate. Its electromagnetic field can be mathematically 
represented by a superposition of plane electromagnetic waves. The interaction of each of these waves 
with the substrate is described by Fresnel’s reflection and transmission laws, thus allowing for 
calculating the full field as a superposition of direct, reflected and transmitted plane waves. The full 
emission rate of the molecule is then calculated by integrating the Poynting vector of the full field over 








𝑆(𝜃, 𝑧 ) of the molecule as a function of its distance 𝑧  and orientation described by the angle θ 
between its emission dipole axis and the vertical axis:  
𝑆(𝜃, 𝑧 ) = 𝑆 (𝑧 ) cos  𝜃 + 𝑆||(𝑧 ) sin 𝜃       
Figure 1: Working principle of MIET and GIET. A. The substrate consists of titan/gold/titan 
multilayer or a single graphene sheet on a glass coverslip, covered by a protecting silica layer 
(not shown). A fluorescent molecule within a range of up to ca. 150-200 nm (for metal) or 25-
30 nm (for graphene) can electromagnetically couple to the layers which leads to a distance-
dependent quenching of its fluorescence in the visible spectral range. B. Fluorescence lifetime as 
a function of distance of a molecule from the surface of a silica spacer of 5 nm thickness deposited 
on gold (blue) or graphene (red) layer. Calculations were performed for Atto655 for a single 
emission wavelength of 680 nm. The refractive index of the upper medium was set to 1.33 (water), 
and the refractive index of glass was set to 1.52. 
where 𝑆 (𝑧 ) and 𝑆||(𝑧 ) are the radiative emission rates of a dipole emitter oriented perpendicular 
and parallel to the substrate, respectively. This emission power 𝑆(𝜃, 𝑧 ) is directly related to the 
molecule’s radiative transition rate kr from its excited to its ground state. However, most fluorescent 
molecule can also return to their ground state non-radiatively with rate knr, which is determined by 
their quantum yield (QY) 𝜑 = 𝑘 /(𝑘 + 𝑘 ) that gives the ratio between emitted photons to number 
of excitations. Taking into account this non-radiative transitions, the final expression for the excited-
state fluorescence lifetime 𝜏 (𝜃, 𝑧 ) reads: 













Here, 𝜏  is the free-space lifetime in the absence of MIET, and 𝑆  is the free-space emission power of 
an ideal electric dipole emitter that is given by 𝑆 = 𝑐𝑛𝑘 𝑝 / 3, with 𝑐 being the vacuum speed of 
light, 𝑘  the wave vector in vacuum, n the refractive index of the solvent (water), and 𝑝 the amplitude 
of the emission dipole moment vector. The model takes into account all the optical properties of the 
metal/graphene substrate (thickness and wavelength-dependent complex-valued refractive index; 
refractive index of the cover slide), and also the photophysics of the fluorophore (emission spectrum, 
free excited state lifetime, free quantum yield, but also orientation with respect to the substrate). Figure 
1B shows the calculated relative lifetime 𝜏 /𝜏  of as a function of distance 𝑧 . Here, we have assumed 
that the emitter is free to rotate on a time scale much faster than the excited state lifetime so that the 
emission power 𝑆(𝜃, 𝑧 ) has to be averaged over all possible orientations. The thickness of the silica 
layer above the MIET substrate was set to 5 nm and the quantum yield values were taken from the 
product sheet of the supplier (ATTO-TEC GmbH).   
 
Characterization of fluorophores: 
Orientation of fluorophores 
The assumption of rapidly rotating dipole emitters is only correct if the fluorophore is rotating on a 
timescale much shorter than its excited state decay time. This is mostly the case when dyes are tagged 
to biomolecules of interest via long flexible linkers. However, for immobilized molecules one needs 
to determine their dipole orientation for correctly converting measured lifetime values into a distance 
of a molecule from the substrate. Fig. 2B presents the distance-to-lifetime dependence for an Atto655 
dye molecule with fixed orientation (either parallel or orthogonal with respect to the surface). Curves 
for all other possible orientations will fall into the shaded region in between these two extreme cases. 
One efficient way to experimentally determine the three-dimensional orientation of immobilized 
molecules is defocused imaging [28, 29, 30]. Using the distribution of emission dipole inclination 
angles 𝜃 as obtained from such defocused imaging, we calculate the orientation-averaged MIET 
calibration curve as  











Figure 2: Orientation of fluorescent emitters. A. Detection scheme of a dipole emitter through a 
gold film at height h from the surface and with orientation angle 𝜽 to the normal. B. Calculated 
MIET calibration curve for Atto655 for two extreme orientations, orthogonal (red) and parallel 
(blue) to the normal. Calculations were done at an emission wavelength of 680 nm and setting 
the refractive index of the upper medium to 1 (air) and that of glass to 1.52. Fluorescent 
molecules were immobilized on top of the 5 nm silica spacer deposited on a 10 nm gold layer. C. 
Defocused images of single Atto655 molecules that were spin-coated on the MIET/GIET 
substrate. Left panel shows a recorded image, and right panel shows the theoretical fit. Scale bar 
1 µm. D. Distribution of polar angles as obtained from C. This orientation distribution is used to 
calculate an orientation-averaged MIET/GIET curve. 








Quantum yield of fluorophores 
In order to calculate a MIET calibration curve, one requires a priori knowledge of the quantum yield 
(QY) of the used fluorophores. Absolute QY values can be measured using any existing method, such 
as comparison to a reference sample, and integrating sphere, or a nanocavity-based method [31]. The 
advantage of the nanocavity method is that it is insensitive to the presence of non-luminescent 
impurities within a sample, that it is reference-free, and that it requires only minute amounts of sample 
(few microliters of low-concentration fluorophore solution). Similar to MIET, it uses the 
electromagnetic coupling of a fluorophores excited state to the electromagnetic modes in a cavity of 
variable size. By recording the fluorescence lifetime as a function of cavity size, one obtains a 
characteristic lifetime modulation curve which modulation depth is determined by the fluorophore’s 
quantum yield. Thus, such a measurement can be used to directly calculate an unknown QY value. 
Details of the method has been described in many publications, see e.g. [31, 32]. Table 1 provides the 
quantum yields of some fluorophores that have been used for MIET experiments. Many dye providers 
report about the quantum yields of their probes. However, one should keep in mind that labelling 
biomolecules such as proteins or lipids can alter the fluorescent lifetime and quantum yields of a 
fluorescent molecule. In that case one is advised to independently measure the QY under conditions 
as close as possible to those used in the final MIET/GIET experiments 
 
Choice of fluorescent labels 
For MIET/GIET experiments, one can use a wide range of fluorescent emitters. In principle, any bright, 
photostable fluorescent label with a mono-exponential fluorescence decay and a reasonably long 
fluorescence lifetime (more than ~1 ns) can be used. We recommend longer lifetime fluorescent dyes 
due to the simplicity of tail-fitting of TCSPC histograms for determining fluorescence lifetime values, 
as compared to a full deconvolution of TCSPC histograms that requires the measurement of an 
instrumental response function (IRF). A list of fluorophores which have already been utilized for MIET 
is provided in Table 1. However, when a dye is tagged to a protein, a nucleic acid, or a lipid, it is 
recommended to re-measure the quantum yield and free-space fluorescence lifetime. For single 
molecule experiments, Atto655 NHS ester was used. GIET experiments on SLBs were performed 
using Atto655 labelled lipid head groups [16]. Cell mask deep red plasma membrane stain was used 























Atto 488 498 526 4.1 0.80 
Alexa Fluor 488 490 525 4.1 0.92 
Rhodamine 6G 532 550 4.1 0.99 
Alexa Fluor 546 556 573 4.1 0.79 
Alexa Fluor 633 621 637 3.2 0.59 
Atto 647N 646 664 3.5 0.65 
Atto655 663 680 1.8 0.30 
Cell mask deep 
red plasma 
membrane stain  
650 668 1.4 0.28 
 
Choice of substrate and wavelength dependence  
A comparison of MIET and GIET quenching is presented in Fig. 1B, which shows the distance-
dependent lifetime modulation of Atto655 in air near graphene and near a gold layer, with a 5 nm silica 
spacer on top in both cases. The exact modification of the emission rate of a dye molecule depends on 
several factors such as the refractive index and thickness of the metal film, the layers and thicknesses 
the media above and below, the emission wavelength, and the quantum yield of the dye. Depending 
on the requirements of an experiment (axial resolution desired, maximum height range, refractive 
index of the medium) and dye characteristics one needs to calculate a MIET calibration curve in order 
to find the most suitable wavelength range and metal film thickness. In general, the thicker the metal 
film, the larger are photon losses due to increased absorption in the metal layer. Although metals such 
as aluminium, copper etc. can be used, we generally restrict ourselves to gold or silver due to their 
ability to quench up to ~200 nm for fluorophores in the red spectral region (emission ~ 690 nm) and 
lower absorption losses. The choice of wavelength also plays an important role while designing a 
MIET/GIET experiment. The lifetime-distance dependence is steeper at shorter wavelengths than at 
longer wavelengths. For example, for a dye with a QY in the range between 0.3 and 1, the MIET 








wavelengths (~520 nm), whereas for far red wavelengths (~700 nm), efficient quenching is observed 
up to 150 to 200 nm. For single-molecule MIET (smMIET), the range of quenching and localization 
accuracy are inversely related. Most fluorescent dyes have an excited state lifetime τf between 1 and 
5 ns. The precision of lifetime measurements depends on the number of collected photons. Assuming 





where N is the total number of photons collected from a molecule before photobleaching or blinking. 
Equality occurs only for ideal background-free conditions. For example, if one collects ~1000 photons, 
the relative error of a determined lifetime value cannot be smaller than 0.03. Using the MIET curves, 
this error can be translated into an axial error of distance determination. In smMIET, one collects fewer 
photons than in other single-molecule imaging experiments, due to the absorption and reflective loses 
arising from the thin metal film. Assuming that the relative brightness of a molecule is proportional to 
its fluorescence lifetime, the axial localization error is larger if a molecule is closer to the metal surface.  
In contrast to all metal substrates, a graphene monolayer has unique optical properties that lead to an 
efficient quenching range of only ~25-30 nm. Due to this short interaction range, GIET can achieve 
an axial localization accuracy below one nanometre. 
In the next section, we explain in detail each step of a MIET/GIET measurement workflow. This 
includes the experimental requirements for MIET/GIET, in particular, the description of the 
fluorescence microscope, MIET/GIET substrate preparation, choice of fluorophores, fluorescent 
labelling strategies, and sample preparation. We will discuss this all for three exemplary applications: 
(a) single molecule localization with GIET; (b) GIET measurements of supported lipid bilayers 
(SLBs); and (c) MIET imaging of live cells for mapping their basal membrane. 
 
Experimental design 








All MIET experiments presented here were done with a homebuilt confocal microscope equipped with 
a multichannel picosecond event timer (HydraHarp 400, PicoQuant GmbH) for time-correlated single-
photon counting (TCSPC). Fig. 3B illustrates the experimental setup where a supported lipid bilayer 
(SLB) with fluorophore-tagged head groups is placed on a GIET substrate. A high numerical aperture 
objective (Apo N, 100×/1.49 NA oil immersion, Olympus) is used for both focusing excitation light 
through the substrate and collecting the fluorescence light (epi-fluorescence microscope). For 
excitation, a pulsed white-light laser (SC400-4-20, Fianium) with an acousto-optical tunable filter 
(AOTFnC-400.650-TN, AA Optic) is employed. The tunable filter is used to select the desired 









Figure 3: A. Workflow of MIET from substrate preparation to data analysis. B. FLIM setup 
used for MIET. 1. pulsed excitation laser source 2. excitation beam (solid arrow showing 
propagation direction) 3. collimating lens 4. optical fibre for coupling 5. objective lens 6. 
scanning stage 7. GIET substrate 8. sample – here supported lipid bilayer (SLB) on GIET 
substrate. 9. dichroic mirror 10. emission beam (white dashed arrow showing propagation 
direction) 11. mirror 12. pinhole 13. band pass filter 14. lens 15. single photon counting module 
16. timing electronics 17. laser sync 18. detector sync. 19. computer. The inset shows a magnified 
view of the sample with the GIET substrate. 
Throughout this work, we use λexc = 645 nm. The excitation beam is reflected by a dichroic mirror 
(Di01-R405/488/561/635, Semrock) towards the objective. Back-scattered excitation light is blocked 
by a long-pass filter (BLP01-635R, Semrock). Collected fluorescence is focused through a pinhole of 
100 μm diameter for rejecting out-of-focus light. After the pinhole, the fluorescence light is re-
collimated and then refocused onto the active area of a single-photon avalanche photo diode after 
passing through a suitable band-pass filter (692/40 BrightLine® single-band bandpass filter, Semrock). 
For measurements with living cells under physiological conditions, the microscope is equipped with 
an incubator (LIS, CB02A). 
Substrate preparation 
For MIET measurements on living cells, glass-bottom petri-dishes (ibidi GmbH) were coated with the 
following multilayer structure: 2 nm Ti below, then 20 nm Au and 1 nm Ti on top. The metal films 
were prepared by vapour deposition onto a cleaned glass cover slide (thickness 170 μm) using an 
electron beam source (Univex 350; Leybold) under high-vacuum conditions (∼10−6 mbar). Film 
thickness was monitored using an oscillating quartz unit during vapour deposition, and afterwards 
verified by atomic force microscopy. For GIET, glass slides that were already coated with one 
monolayer of graphene were commercially purchased (Graphene Supermarket, New York, USA). For 
experiments, silica layers of various thicknesses, namely 10,15 and 20 nm were evaporated on top of 
the graphene using the same vapour deposition procedure. 
Sample preparation 
Single molecule measurements For single-molecule GIET measurements, we used silicon dioxide 
spacers of three different thickness values: 10, 15 and 20 nm. As mentioned above, these spacers were 
evaporated directly on the graphene coated glass coverslips. For single-molecule FLIM, Atto655 
(ATTO-TEC GmbH, Siegen, Germany) molecules were spin-coated on top of these substrate. This 








was diluted to 100 pM in Millipore water (18.2 MΩ cm at 25 ° C), and a 10 μl aliquot of this solution 
was spin-coated onto substrates at 8000 rpm for 50 s (see Figure 4A).  
Supported lipid bilayer (SLB) preparation. Supported lipid bilayers (SLBs) were prepared by vesicle 
fusion to a substrate as described in [33]. 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) and 1,2-
dilauroyl-sn-glycero-3-phosphocholine (DLPC) lipids were purchased from Avanti Polar Lipids, 
Alabama, USA. Lipids with Atto655-tagged head groups, namely 1,2-dipalmitoyl-sn-glycero-3-
phosphoethanolamine (DPPE) and 1,2-dilauroyl-sn-glycero-3 phospho-ethanolamine (DLPE) were 
purchased from ATTO-TEC GmbH, Siegen, Germany. Unlabeled lipids were dissolved in chloroform 
at a concentration of 10 mg/ml, whereas fluorescently labeled lipids were diluted to 0.01 mg/ml. For 
preparation of Atto655-DLPE-DLPC bilayers, 1 μl of Atto655-DLPE was mixed with 80 μl of DLPC. 
The solution was dried in vacuum at 30oC for 1 h to evaporate the chloroform and for obtaining a thin 
film. This film was re-suspended with buffer solution (20mM Tris-Cl, 100mM NaCl, 10mM CaCl2, 
pH 7.4), followed by thermos-mixing (Thermomixer Comfort, Eppendorf) for 1 h at 30oC. After 
mixing, the solution was passed through a polycarbonate membrane with pore diameter of 50 nm for 
extruding small unilamellar vesicles (SUVs). These SUVs were then deposited on the substrate and 
allowed to fuse for 1 hour to form a uniform bilayer. This incubation was followed by washing with 
buffer solution (20mM Tris-Cl, 100mM NaCl, 10mM CaCl2, pH 7.4) for at least 20 times to remove 
unbound vesicles.  
Giant unilamellar vesicles (GUV) preparation. Giant unilamellar vesicles (GUVs) were prepared by 
electro-formation in a custom-built chamber as described elsewhere [34]. DOPC lipids and Atto655-
DPPE lipid labels were used to prepare GUVs [35]. A lipid mixture of 98 μl of DOPC and 2 μl of 
Atto655-DPPE in chloroform was deposited on the lower electrode plate and evaporated for 30 min 
under vacuum. The chamber was filled with 500 μl of 300 mM sucrose solution. Electro-formation 
was performed for 3 h at 15 Hz alternating current (AC) and a peak-to-peak voltage of 1.6 V followed 
by 8 Hz AC for 30 min. 500 μl of 300 mM glucose was added to the chamber after electro-formation 
while simultaneously rinsing the electrode surface. The final suspension of GUVs was then collected 
from the chamber. 
Cell membrane staining. MIET height profiling of the basal membrane of living cells was done for 
three different cell lines, MDA-MB-231, A549, and MDCK-II cells. MDA-MB-231 and A549 cells 
were cultured in Dulbecco’s Modified Eagle Medium (DMEM, Lonza, Basel, Switzerland) with 4 mM 
L-Glutamine and 10% FCS under standard conditions (37°C and 5% CO2). MDCK-II cells were 








the same conditions. For MIET experiments, approximately 20,000 MDA-MB-231 cells were seeded 
into a MIET substrate. Measurements were done within two days after seeding. A549 and MDCKII 
cells were seeded with the same density on gold-coated glass bottom petri dishes (MatTek, Ashland, 
MA, USA). Before measurements, the plasma membrane of cells was stained by incubating them with 
HEPES-buffered cell culture medium containing 5 μg/ml Cell Mask™ Deep Red Plasma Membrane 
Stain (Life Technologies, Darmstadt, Germany) for 5 minutes at 37°C. The staining medium was 
replaced by HEPES-buffered cell medium during MIET measurements, which allowed for imaging 
living cells up to one hour after staining at 37°C. In order to investigate spreading of MDCK-II cells, 
they were released from a culture flask by trypsinization for 5 minutes (trypsin/EDTA 0.5%/0.2%, 
Biochrom) and kept in suspension at a density of 106 cells/ml. The cells were used for up to 1 hour. 
Gold-coated glass bottom petri dishes were incubated for 30 minutes with HEPES buffered cell 
medium for adhesion experiments. Cell medium was replaced by 400 μl of staining solution (cell 
culture medium containing 5 μg/ml Cell Mask™ Deep Red Plasma Membrane Stain) and 50.000 cells 
were added. After 5 minutes at 37°C, the staining solution was carefully replaced by HEPES-buffered 
cell culture medium, after which MIET experiments were started. 
Measurements and data analysis 
Single molecule localization. FLIM on surface-immobilized Atto655 molecules was done by scanning 
surface areas of ~40 μm × 40 μm with a pixel dwell time of 4 ms (100 nm effective pixel-size) with 
the aid of a three-axis piezo-nanopositioning stage (P-562.3CD, Physik Instrumente) and a dedicated 
piezo driver (E-710 Physik Instrumente). Fig. 4A illustrates the experimental design. A TCSPC 
histogram of photon arrival times with respect to excitation laser pulses was computed for each 
molecule by collecting photons from all pixels associated with one identified molecule. Next, a mono-
exponential decay function was fitted to the tail part of the decay histogram (cutoff 0.5 ns after 
maximum). Note that the cutoff value has to be larger than the width of the system’s instrumental 
response function (IRF). Fluorescence lifetime fitting can be done by either of the two standard ways, 
(i) fitting the tail of the TCSPC histogram with a cutoff of usually 0.1-0.5 ns after the maximum of the 
histogram or (ii) full deconvolution using an IRF which can be separately recorded or extracted from 










Figure 4: Single-molecule localization by GIET. A. Experimental design showing Atto655 
molecules spin-coated on a GIET substrate with 10, 15 or 20 nm of SiO2 spacer layer evaporated 
on top of the graphene. B. Example fluorescence decay curves for three different molecules on 
the three studied substrates. The yellow shaded region is used for a maximum likelihood mono-
exponential tail fit of the fluorescence decay time. C. Lifetime distributions as obtained by tail-
fitting the decay curves of individual molecules. Numbers above the distributions indicate how 
many molecules contributed to the corresponding distribution. D. Distance distributions as 
obtained by converting the lifetime values from C. Solid lines represent fits of a general gamma 
distribution to the histograms. Data and figures B, C and D were adapted from [16]. 
 
Fig. 4B shows three representative TCSPC histograms and their corresponding fits, each for one 








distributions obtained from tail-fitting single molecule decay curves are shown in 4C where the number 
N of individual molecules contributing to each distribution are also given. The free-space lifetime 
value was measured to be 𝜏 = 2.9 ns, while the quantum yield of the molecule, measured with the 
nanocavity method, was found to be 𝜑 = 0.25. The orientation distribution of the fluorophores on the 
substrates was determined in a separate experiment using defocused imaging. Using this orientation 
distribution, an orientation-averaged GIET calibration curve was computed which was then used to 
convert lifetime values (Fig. 4C) to axial distance values (Fig. 4D). In the presented measurements, 
the obtained height values were 11 ± 3, 16 ± 3 and 21 ± 6 nm for the silica spacers of 10, 15 and 20 
nm thickness, respectively. A systematic bias of 1 nm towards larger distance values could be due to 
surface roughness or to surface-induced heterogeneity of the photophysical parameters (free-space 
lifetime and QY) of the fluorophores. Nevertheless, it should be emphasized that the relative 
differences of vertical positions are reproduced correctly, showing a 5 nm increase from sample to 
sample. 
Experiments on model membranes. GIET measurement were performed on SLBs composed of 
Atto655-tagged lipid head groups. The goal of the measurement was to determine the thickness inter 
of these model membranes (or more correctly, the distance between fluorescent dyes on different side 
of a bilayer). Fluorescence decay curves were recorded on SLBs at 20°C by scanning areas of ~ 5 μm 
× 5 μm. Recorded TCSPC histograms were de-convolved with the a priori measured instrument 
response function (IRF) (see Figure 5A) and then fitted with a bi-exponential decay function. The used 
MATLAB software package for lifetime fitting is freely available at https://www.joerg-
enderlein.de/software/Fluorescence lifetime fitting. The right panel of Fig. 5A presents the obtained 
fluorescence decay time distributions as a function of the collected number N of photons per TCSPC 
for a DLPC bilayer. The orientation of Atto655 molecules attached to lipid head groups was 
determined separately by fluorescence polarization imaging of giant unilamellar vesicles (GUVs) 
using the same lipid molecules. These measurements were done on a home-built wide-field 
microscope. A linearly polarized laser beam (λexc = 637nm, OEM-SD-637-500) was used for excitation 
of the labelled GUVs, and fluorescence was imaged with an emCCD camera (Ixon Ultra 897, Andor 
Technology, Ireland). The seen intensity distribution around the circumference of a GUV is shown in 
Fig. 5B. The intensity maximum at angles orthogonal to the excitation polarization indicates that dyes 
are oriented tangentially to the bilayer’s surface. The free-space lifetime and QY of lipid-bound 








the GIET calibration curve for a lipid membranes as shown in Fig. 5C (left panel). The model 
calculation takes into account the presence of the SLB, assuming that it has a refractive index of 1.46 
 
Figure 5: GIET experiments on supported lipid bilayer. A. Left panel demonstrates TCSPC 
decay and lifetime fit from DLPC SLB. The measured decay curve is red, instrument response 
function (IRF) is blue, and fitted curve is shown by a black dashed line. Right panel shows 
lifetime distributions for DLPC as a function of photons per TCSPC curve. The solid white lines 
show the mean value ± the square root of the variance of the lifetime distributions as a function 
of photon number. B. Image of a GUV under linearly polarized excitation (the double-headed 
arrow indicates the excitation polarization). C. Left panel show MIET curves for the bilayer 
experiment. To estimate the impact of a ~ 5 nm thick bilayer of refractive index 1.46, we 
calculated MIET curves assuming no bilayer was present (green), with a bilayer above (red) and 
with a bilayer below (blue) the fluorophore’s position. Right panel depicts distance distribution 
corresponding to lifetime distributions as in A (right panel). For converting lifetime to distance, 
we used the blue curve in left panel for all lifetime values larger than 1.25 ns and the red curve 
for all lifetime values smaller than 1.25 ns. The white gap reflects the difference between the red 









and an approximate bilayer thickness of 5 nm. For converting lifetime into distance values as illustrated 
in Fig. 5C (right panel) for DLPC SLB, we used the model curve labeled ‘5 nm lipid above’ for the 
short lifetime component and the one labeled ‘5 nm lipid below’ for the long lifetime component. As 
can be seen in Fig. 5C, the relative width of the distributions become narrower with increasing number 
N of photons per TCSPC curve. In the limit large N (~107 photons), we determined the position of the 
fluorophores with sub-nanometre accuracy. For DLPC SLB we obtain axial distance values for the 
bottom and top leaflets of 1.09 ± 0.04 nm and 5.13 ± 0.04 nm, respectively, giving a bilayer thickness 
value of 4.04 ± 0.06 nm. Similarly, for DOPC SLB, we obtained dye positions of 1.4 ± 0.1 nm and 6.9 
± 0.1 nm for the bottom and top leaflet, respectively, yielding a bilayer thickness value of 5.5 ± 0.2 
nm. Of course, these values refer to a bilayer thickness plus linker and dye. We measured also the 
height of the bottom leaflet above the silica surface, providing an estimate of the hydration layer 
between substrate and membrane. Our findings are in excellent agreement with previously reported 
values using SAXS and AFM [38, 39, 40]. The results presented and discussed in the current and 
previous sections have been adapted from Ref. [16]. 
Live cell nanoscopy. MIET imaging was used for time-lapse mapping of the basal membranes of living 
cells. We used MIET also for monitoring the spreading of adherent MDCK II cells, where we could 
monitor three different phases of interaction between cell membrane and surface. The first phase is 
dominated by the formation of initial bonds between adhesion molecules and the extracellular matrix 
(ECM). The initial tethering of a cell membrane is followed by a second phase that is mainly 
characterized by initial cell spreading driven by actin polymerization that forces a cell’s surface area 
to increase by drawing membrane molecule from a reservoir of folded membrane regions and blebs. 
A third and final phase is governed by recruitment of additional plasma membrane from internally 
stored membrane buffers, and is characterized by extension of lamellipodia which leads to the 
occupation of a larger area by a cell. Experiments were done by recording time-lapse series of FLIM 
images with time interval of 5 minutes. Cells were scanned with a focused laser using a piezo-nano-
positioning stage (P-562.3CD, Physik Instrumente GmbH). Fluorescence photons were recorded in 
time-tagged, time-resolved mode, which allows for gathering all photons from a single pixel and 
sorting them into a histogram according to their arrival time after the last laser pulse. These TCSPC 
histograms were corrected for detector and electronics dead-time effects [41], and finally fitted with a 
multi-exponential decay function (fit of tail starting 0.1 ns after decay maximum) in each pixel. 








profile from the recorded FLIM images were done using a MATLAB-based GUI [21] which was 
developed for evaluating MIET measurements and which can be freely obtained at 
https://projects.gwdg.de/projects/miet. Fig. 6A illustrates the start window of this MIET GUI 
 
Figure 6: MIET GUI. A. Screenshot of the user interface of the MIET GUI which allows for 
supply values of thickness and refractive index of MIET substrate layers, and of the free-space 
lifetime and quantum yield of the used dye. B. Exemplary MIET curve as calculated by the 
MIET GUI. C. Screenshot showing GUI for loading lifetime values and fitting lifetimes from raw 
data as well as visualization options for displaying height profiles. D. Three-dimensional 
reconstruction of height images from lifetime images for the basal membrane of stained MDA-
MB-231 cells. Four images from a time-lapse series are shown. Data adapted and reprinted with 









interface where one enters the different thickness and refractive index values for a MIET substrate 
layers, and the free-space lifetime and quantum yield of the used fluorophore. The app then calculates 
the MIET calibration curve (Fig. 6B) which is then used for the lifetime-to-distance conversion. In a 
second window of the GUI (Fig. 6C), the user then loads either a .mat file with already fitted 
fluorescence lifetime values, or recorded raw FLIM data (.ht3 format). In the latter case, lifetime fitting 
is done by the software itself. Next, the user can check the box of ‘Visualize height profile’. 
Additionally, one can indicate the minimum threshold number of photons to be considered for lifetime 
fitting/conversion of lifetime values to axial distances. This allows for rejecting background and 
facilitates accurate filtering of FLIM images. Three-dimensional height profiles computed from 
fluorescence lifetime images that were recorded over 40 min on MDA-MB-231 cells are shown in Fig. 
6D. We compared the mean membrane-metal surface distances of three different cell types and found 
that the benign epithelial cell line MDCK II is much closer to the surface with a height of 28 ± 5 nm 









Figure 7: Comparison of basal membrane profiles of three different cell types. Top panel: 
Average distance of basal membrane from gold surface for MDA-MB-231, A549 and MDCK-II 
cell lines. Solid curves show Gaussian function fits to the experimental data. Bottom panel: 
Three-dimensional reconstructions of the basal membrane of a MDCK-II (left), an MDA-MB-
231 (centre) and a A549 (right) cell. For better comparison, all images are normalized to the 












 Atto655-NHS (ATTO-TEC GmbH) 
 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC); 1,2-dilauroyl-sn-glycero-3-phosphocholine 
(DLPC) (Avanti Polar Lipids) 
 Atto655 tagged 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine (DPPE); 1,2- 
Dilauroyl-sn-glycero-3-phosphoethanolamine (DLPE) (ATTO-TEC GmbH) 
 Chloroform (Sigma Aldrich) 
 Tris-Cl buffer (20mM Tris-Cl, 100mM NaCl, 10mM CaCl2, pH 7.4) 
 Glucose (Sigma Aldrich) 
 Cell lines: MDA-MB-231, A549 and MDCK II 
 Dulbecco’s Modified Eagle Medium (DMEM, Lonza) 
 Minimal Essential Medium (MEM, Biochrom) 
 L-Glutamine (Sigma Aldrich) 
 Fetal calf serum (Sigma Aldrich) 
 Cell Mask™ Deep Red Plasma Membrane Stain (Life Technologies). 
 Glass bottom petri dishes (MatTek) 
 Trypsin/EDTA 0.5%/0.2% (Biochrom) 
 
EQUIPMENT 
 Optical table, vibration isolated (Newport) 
 Inverted fluorescence microscope IX 71 (Olympus)  
 High numerical aperture objective lens (eg. 100× UPLSAPO, N.A. 1.4 (Olympus)or 1.49 NA) 
 Objective for alignment (10×; Carl Zeiss, Olympus) 
 Pulsed diode laser (λexc = 640 nm, LDH-D-C 640, PicoQuant GmbH) 
 Three-axis piezo stage (P-562.3CD, Physik Instrumente) 
 Lenses (Thorlabs) 
 Laser clean-up filter 640/8 nm MaxDiode™ laser clean-up filter (Semrock). 
 Neutral density filter to adjust laser intensity (Edmund Optics). 








 Long-pass filter BLP01-635R (Semrock) 
 Emission filter: 692/40 nm BrightLine® single-band bandpass filter (Semrock). Recommended for 
experiments using a gold layer. 
 Detector: Single photon counting module SPCM-AQRH (Excelitas Technologies). 
 Fiber coupler 60SMS-1-4-RGB11-47 (Schäfter and Kirchhoff) and polarisation-maintaining 
single-mode optical fiber (PMC-400-4.2-NA010-3-APC-250 V, (Schäfter and Kirchhoff). 
 Multichannel picosecond diode laser driver: PDL 828 "Sepia II" (PicoQuant GmbH). 
 Multichannel picosecond event timer & TCSPC module: HydraHarp 400 (PicoQuant GmbH). 
 System control devices: Computer (Windows 10 x64, Intel Core i5-4590, 16 GB RAM) 
Software 
 Relevant driver and application for each device listed in EQUIPMENT.  
 Fluorescence lifetime imaging and correlation software: Symphotime 64 (PicoQuant GmbH). 
 
REAGENT SETUP 
Sample for calibration and drift control In order to verify the alignment of the microscope and 
single molecule detection with high SNR (signal to noise ratio), Atto655 molecules are spin coated on 
cleaned glass coverslips at single molecule concentration and FLIM images were recorded. 
Cell culture In principle, any cell types are compatible for MIET experiments, but adherent cell lines 
offer additional advantage of minimal sample movement. Cells are grown) with 4 mM L-Glutamine 
and 10% FCS under standard conditions (37° C and 5% CO2). 
Supported lipid bilayer For the preparation of SLB samples with adequate concentration of diffusing 
fluorophores in and out of the focus, a ratio of 1:80000 is maintained between fluorescently labeled 
and unlabeled lipids. For verification and quality check of the membrane prepared, it is preferred to do 
a FCS (fluorescence correlation spectroscopy) or a FRAP (fluorescence recovery after photobleaching) 
experiment before the actual measurement. Diffusion coefficient of lipid molecules as obtained from 
FCS is then compared with the previously reported values to ensure SLB formation. On the other hand, 














1. FLIM microscope setup ● TIMING 1 h 
i. A properly aligned FLIM microscope with single molecule detection efficiency with high 
SNR is an essential prerequisite of (g)MIET experiments. 
ii. Laser intensity before and after the fibre coupler has to be monitored with a power meter 
to check the coupling efficiency and should be adjusted accordingly to reach the maximum 
coupling efficiency. 
iii. Following this, laser power in the back focal plane of the objective lens should be measured 
to keep a track of effective laser power in the experiments. 
iv. In the emission path, detector and the pinhole should be perfectly aligned to ensure 
maximum detection efficiency. ? TROUBLESHOOTING 
v. Calibration measurement with a reference sample, as mentioned before is essential prior 
to the actual measurements.   
 
2. Preparation of single-molecule sample ● TIMING 15 m 
i. Prepare a dye solution (e.g. Atto655) of 100 pM concentration by serial dilution from stock. 
ii. Spin coat 10 µl of the same solution on cleaned glass coverslip @8000 rpm for 40 seconds. 
 
3. Preparation of supported lipid bilayer ● TIMING 4-5 h 
i. Prepare stock solution of unlabelled lipids at a concentration of 10 mg/ml and for labeled 
lipids at 0.01 mg/ml. Mix 1 µl of labelled lipid to 80 µl of unlabelled lipid. 
ii. Dry the mixture in vacuum at 30° C for 1 hour to get rid of any residual solvent and obtain 
a thin film. CRITICAL it is essential to ensure proper drying and get rid of any residual 
solvent for the formation of the desired thin film. 
iii. Re-suspend the film with buffer solution (20mM Tris-Cl, 100mM NaCl, 10mM CaCl2, pH 
7.4). 
iv. Thermo-mix the re-suspended solution (Thermomixer Comfort, Eppendorf) for 1 h at 30° 
C. 
v. Extrude the SUVs from this solution by passing the same through a polycarbonate 
membrane with a pore diameter of 50 nm. 
vi. Deposit the SUVs on the substrate and allow it to fuse for 1 hour @ RT for the formation 








vii. Wash with buffer solution multiple times following incubation for removing unbound 
vesicles. ? TROUBLESHOOTING 
 
4. Preparation of cell samples ● TIMING 3 d 
i. Culture MDA-MB-231 and A549 cells in Dulbecco’s Modified Eagle Medium (DMEM, 
Lonza) with 4mM L-Glutamine and 10% FCS under standard conditions (37° C and 5% 
CO2). 
ii. MDCK-II cells were cultured under the same conditions except for using minimal essential 
medium (MEM, Biochrom) with Earle’s salts instead of DMEM. 
iii. Seed 20000 cells of each cell type in a reservoir of diameter 1 cm on gold coated glass 
bottom petri dishes.  
iv. Experiments should be done within two days of seeding.  
v. Prior to MIET measurements, stain the plasma membrane of the cells by incubating living 
cells with HEPES-buffered cell culture medium containing 5 μg/ml Cell Mask™ Deep Red 
Plasma Membrane Stain (Life Technologies) for 5 minutes at 37° C. 
vi. For the actual measurement, replace the staining medium by HEPES-buffered cell medium, 
to allow the investigation of living cells up to one hour after staining at 37° C. 
 
5. FLIM imaging of single molecules ● TIMING 1 h 
i. Set the scanning parameters in the SymPhoTime ‘Measurement’ mode. In particular, 
specify the area to be scanned on the sample for e.g. 40 × 40 µm2; effective virtual pixel 
size for e.g. 100 nm; dwell time per pixel depending on photostability of the fluorophore 
used for e.g. 2 ms / pixel;  
ii. Do a quick test area scan to check the background signal originating from MIET substrate 
or other sources. ? TROUBLESHOOTING 
iii. Record FLIM images of immobilized dye molecules on glass for estimating the free-space 
lifetime. 
iv. Continue with the area scans on MIET substrate with low laser power until the single 
molecules bleach. 
 








i. Scan several representative areas on the SLB sample for e.g. 5 × 5 µm2 prepared on a glass 
coverslip for estimation of the free-space lifetime of dye-tagged lipid head-group. 
ii. Before the actual GIET experiment, record the instrument response function (IRF), 
preferably with the same laser intensity as for the GIET measurements. IMPORTANT it is 
essential to record of IRF and lifetime measurements on bilayer with the same laser 
intensity or to cross check independently that the shape of the IRF doesn’t vary with laser 
intensity. 
iii. Record the TCSPC histogram until the number of photons collected in the highest bin 
reaches one million or more. 
iv. Take care to keep the count rates as such to avoid detector dead time artefacts. 
v. Do a quick comparison in the software’s ‘Analysis’ window between the fluorescence 
lifetimes obtained from GIET and glass measurements. Often at times you can end up in 
preparing a multilayer or a bilayer with lot of unbound vesicles showing up as a longer 
lifetime than expected. ? TROUBLESHOOTING 
 
7. Measurements on live cells ● TIMING 1 h 
i. For measuring living cells under physiological conditions, the microscope was equipped 
with an incubator (LIS, CB02A). 
ii. Scan individual cells with the focused laser beam with optimized scanning parameters in 
order to collect ~1000 photons on an average per pixel. 
iii. Take care to adjust the excitation intensity and count rates as such to avoid dead time 
artefacts? TROUBLESHOOTING 
 
8. Single-molecule data evaluation ● TIMING 30 min  
i. Launch the ‘MIET GUI’ in MATLAB. Select ‘Use single-molecule patterns to evaluate 
MIET’ 
ii. Click ‘Define sample parameters’ and provide the parameters in the new pop up window 
that appears enlisting refractive indices of layers above , below and molecule’s layer, 
numerical aperture of the objective lens used, excitation and emission wavelengths of the 








iii. Open the dropdown menu in original window below ‘Define sample parameters’ section. 
Select ‘Complete analysis of single molecules using pattern detection’ from the dropdown 
options. 
iv. On the right hand side of the GUI window, either choose ‘Calculate lifetimes from raw data 
[.ht3 file]’ or you can also provide previously fitted lifetime values a .mat file from your 
computer using ‘Choose file’ option. 
v. If you wish to fit lifetimes by full deconvolution using an IRF, either click ‘Estimate IRF’ 
which estimates the IRF from background signal or click ‘Calculate IRF from extra data’ 
and upload a raw file [.ht3] where you recorded the IRF separately.  
vi. Enter the free space lifetime value if known previously or click on ‘Calculate free space 
lifetime from raw data’ and select the raw file [.ht3] containing lifetime measurement on 
glass. 
vii. Finally, click on ‘Evaluate’.  
viii. For single molecule scans, indicate the minimum number of photons collected per 
individual molecule to get rid of photobleached, dim molecules during the scans. 
ix. We use a ‘Gaussian mask’ and pattern matching to identify the pixels with single molecules 
and then generate a background-filtered intensity image showing identified single 
molecules. 
x. For each molecule, a TCSPC histogram was computed from the photons collected from the 
identified individual pixels. 
xi. A mono-exponential decay function was either fitted to the tail of the histogram (0.5 ns 
after the maximum) or full deconvolution using IRF 
xii. Plot lifetime and height distributions as obtained from the GUI analysis algorithm. (shown 
in figure 4). ? TROUBLESHOOTING 
xiii. Alternatively, for a fixed dipole orientation of single molecules unlike ‘random’ 
conformation, the GUI requires an update which will be integrated soon. So, the example 
of single-molecule localization described in this article earlier uses a custom-written 
MATLAB routine for the analysis in order to take into account the orientation values. This 
can be easily provided to any interested user upon request until the upgradation of the GUI.  
 
9. Data analysis for SLB measurements ● TIMING 30 m (only if the programs are provided) 








ii. We sectioned the total number of photons into N number of bunches (why does one need 
this step?) and fitted the TCSPC curve of each bunch with a bi-exponential model function 
using a MATLAB based IRF deconvolution algorithm. ? TROUBLESHOOTING 
iii. The MATLAB based software package for fluorescence lifetime fitting is available free of 
charge at https://www.joerg-enderlein.de/software. 
iv. Lifetime distributions were generated from the fitted decay times as a function of number 
of photons per bunch per TCSPC curve as shown in Figure 5A. 
v. Compute the MIET curve for SLBs. The model calculation takes into account the presence 
of the SLB, assuming a refractive index of 1.46 and membrane thickness of 5 nm using the 
MIET GUI.  
vi. As shown in Figure 6, we use the curve ‘5 nm lipid above’ for determining the position of 
bottom leaflet and ‘5 nm lipid below’ for the top leaflet. 
vii. We take the lifetime values at the limit of the photon numbers (107 photons) and determine 
the axial positions using the MIET curve. (See Figure 5C).  
 
10. Three dimensional height image reconstruction using MIET GUI ● TIMING 15 m 
i. FLIM images of live cells were used to obtain the three dimensional reconstructed height 
image using the MATLAB based project MIET_GUI (available free of charge at 
https://projects.gwdg.de/projects/miet). 
ii. Launch the ‘MIET GUI’ in MATLAB. Select ‘Evaluate MIET data pixel-by-pixel’ 
iii. Click ‘Define sample parameters’ and provide the relevant parameters in the new pop up 
window as described previously such as the complex-valued refractive index of each layer 
and corresponding layer thicknesses, the quantum yield  of the dye in corresponding slots. 
Click ‘OK’ to go back to the main menu or the original GUI window. 
iv. Open the dropdown menu in original window below ‘Define sample parameters’ section. 
Select ‘Complete analysis’ from the dropdown options. 
v. Provide the ‘Cutoff-time [ns] after the maximum of the lifetime histogram from where the 
tail of the histogram will be considered for lifetime fitting. Usually the value ranges from 
0.1-0.5 ns depending on width of the IRF. 








vii. On the right hand side of the GUI window, either choose ‘Calculate lifetimes from raw data 
[.ht3 file]’ or you can also provide previously fitted lifetime values a .mat file from your 
computer using ‘Choose file’ option. 
viii. Enter the free space lifetime value if known previously or click on ‘Calculate free space 
lifetime from raw data’ and select the raw file [.ht3] containing lifetime measurement on 
glass. 
ix. Check the box saying ‘Visualize height profile?’ for visualizing height profile in 3D. 
ix. Click ‘Evaluate’. ? TROUBLESHOOTING 
 
TROUBLESHOOTING 
Step Problem Possible reason Solution 
    
1 Laser beam not 
propagating through 
the centre of the 
pinhole.  
a. x-y controllers 
of the pinhole not  
at correct position. 
b. Beam height and 
z position of pinhole 
not at par. 
a. Proceed in a stepwise manner, place a pinhole 
with larger diameter for e.g. 200 µm, adjust the 
x-y controller screws to bring the beam to 
centre. 
b. Re-measure the beam height, adjust the z 
position accordingly. 
1 Low signal detected 
by detectors. 
Beam not hitting 
the centre of the 
active area of the 
detector. 
Place a low concentration (~nM) of dye solution 
as sample. Focus the laser beam into the 
solution (~10 µm from surface). Unscrew the 
pinhole. Adjust with the x-y controllers of the 
lens in front of the detector to reach the point 
where the highest count rate, maximum 
brightness in FCS curve is observed. 
    
1 Laser pulse sync not 
detected. 
Connection of 
Hydraharp 400 and 
PC not working. 
Switch off and restart the Hydraharp 400. 
Restart the software, if necessary restart the PC. 









    
    




present in the SLB 
sample. 
Re-wash the sample with the buffer at least ten 
more times to remove remaining vesicles. 
Incubate the sample for 30 minutes again and 
restart measurement. 
5 High background 
from substrate. 
High scattering 
from gold layer or 
uncleaned 
substrate. 
Use appropriate long-pass filter, shift to lower 
excitation intensity if possible. 
 
 
   





the sample from 
uncleaned substrate 
or dye solution 
contaminated.  
Re-wash the remaining slides from the same 
batch in KOH and distilled water followed by 
plasma cleaning. Use a fresh dye solution 
diluted from a new stock. 





Confirmation of the silica layer’s thickness by 
AFM can be done. 
    
6 Lifetime values of 
dyes on membrane 





Discard the sample. Re-suspend a new batch of 
SUVs. Deposit the solution carefully on 
substrate followed by a longer incubation time 
(~1 hour) and repeated washes after 
incubation. 
    
7 Dead-time artefacts 
appear in TCSPC 
curve. 
Higher count-rates 
than tolerated due 
to use of high 
Optimize laser intensity and photon count rate 
before the actual scan to avoid dead-time 









for densely labelled 
sample. 
dead-time correction of the data as described 
here [35]. 




of the substrate. 
Perform AFM measurements on the substrate 
to estimate root mean square value of the 
roughness. A rough surface can be avoided by 
skipping the plasma-cleaning step during 
washing the coverslips. Also, deposition of 
SiO2 layer should be done in slowest possible 
rate. 
9 Misfit of the TCSPC 
histogram with the 
recorded IRF. 
a. IRF shifted by 
few TCSPC bins 
compared to actual 
data. 
b. Shape of the IRF 
different than the 
TCSPC curve due 
to different 
excitation intensity. 
a. Shift back the IRF during analysis by 
corresponding number of bins and refit using 
the modified IRF. 
b. Record a new IRF using exactly the same 
settings for laser power as used for the 
measurement. 
10 False positive height 
determination in some 
pixels.  
High background in 
those pixels. 
Set a higher minimum threshold for the 
number of photons in the MIET_GUI and re-
calculate the height profile. 
 
 
 TIMING  
Step 1, Microscope setup: for experts, only an hour or so (but with less experience, it takes up to 1 
d):  
Step 2, Reference single-molecule sample preparation: 10-15 minutes. 
Step 3, Preparation of SLB: 4-5 hours. 
Step 4, Preparation of cell samples: 3 days. 
Step 5-7, Imaging of single molecule samples, bilayer sample and cell samples: 1- 4 hours 












a) Reference measurement 
The reference measurement is a prerequisite before doing sample measurements for (g)MIET. Single-
molecule localization based experiments presented here serve as an ideal calibration experiment. It 
provides the proof of principle of distance dependent fluorescence lifetime modulation near a metal or 
graphene layer, at the same time it is a good check of single molecule detection sensitivity of the FLIM 
setup being used. Figure 4 illustrates single-molecule localization using GIET. A. Experimental design 
showing Atto655 molecules spin-coated on a GIET substrate with 10, 15 or 20 nm of SiO2 spacer layer 
evaporated on top of the graphene. B. Example fluorescence decay curves for three different molecules 
on the three studied substrates. The yellow shaded region is used for a maximum likelihood mono-
exponential tail fit of the fluorescence decay time. C. Lifetime distributions as obtained by tail-fitting 
the decay curves of individual molecules. Numbers above the distributions indicate how many 
molecules contributed to the corresponding distribution. D. Distance distributions as obtained by 
converting the lifetime values from C. Solid lines represent fits of a general gamma distribution to the 
histograms. Data and figures B, C and D were adapted from [16]. 
Figure 5 shows GIET experiments on supported lipid bilayer.  
GIET experiments on supported lipid bilayer. A. Left panel demonstrates TCSPC decay and lifetime 
fit from DLPC SLB. The measured decay curve is red, instrument response function (IRF) is blue, and 
fitted curve is shown by a black dashed line. Right panel shows lifetime distributions for DLPC as a 
function of photons per TCSPC curve. The solid white lines show the mean value ± the square root of 
the variance of the lifetime distributions as a function of photon number. B. Image of a GUV under 
linearly polarized excitation (the double-headed arrow indicates the excitation polarization). C. Left 
panel show MIET curves for the bilayer experiment. To estimate the impact of a ~ 5 nm thick bilayer 
of refractive index 1.46, we calculated MIET curves assuming no bilayer was present (green), with a 
bilayer above (red) and with a bilayer below (blue) the fluorophore’s position. Right panel depicts 
distance distribution corresponding to lifetime distributions as in A (right panel). For converting 
lifetime to distance, we used the blue curve in left panel for all lifetime values larger than 1.25 ns and 
the red curve for all lifetime values smaller than 1.25 ns. The white gap reflects the difference between 








Figure 7 depicts the comparison of basal membrane profiles of three different cell types. Top panel: 
Average distance of basal membrane from gold surface for MDA-MB-231, A549 and MDCK-II cell 
lines. Solid curves show Gaussian function fits to the experimental data. Bottom panel: Three-
dimensional reconstructions of the basal membrane of a MDCK-II (left), an MDA-MB-231 (centre) 
and a A549 (right) cell. For better comparison, all images are normalized to the same height scale. 
Figures adapted with permission from Ref. [15]. 
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Single Molecule Spectroscopy and
Imaging for Studying Protein
Structure and Dynamics
5.1 Manuscript: Dimerization of human drebrin-like
protein governs its biological activity
This work [173] outlines the application of FCS and 2fFCS, and of FLIM-FRET imaging to
the investigation of protein dimerization and aggregation. In particular, the study focuses
on human drebrin-like protein (DBNL) and its dimerization in vivo and in vitro. Addi-
tionally, the hydrodynamic radius of DBNL monomer was measured, and the oligomer-
ization properties of three of its truncated variants was investigated. For the dimerization
studies, I used a FCCS in vitro assay, while dual-focus FCS was utilized for determin-
ing the hydrodynamic radius of DBNL. Oligomerization of DBNL mutants as a function
of protein concentration was investigated using classical FCS. For the in vivo assays on
the native functionality of DBNL and its mutants, I used FLIM-FRET imaging where
EGFP-tagged actin and mCherry labeled DBNL were used as FRET pair. The published
report is presented in the next section.
The original research article was published as ”Arindam Ghosh, Jörg Enderlein, and
Eugenia Butkevich. Dimerization of human drebrin-like protein governs its biological
activity. Biochemistry 59(16):1553-1558, 2020.” A.G. performed all the FCS, FCCS,
dual-focus FCS and FLIM-FRET experiments, did the data analysis and co-wrote the
manuscript.
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Dimerization of Human Drebrin-like Protein Governs Its Biological
Activity
Arindam Ghosh, Jörg Enderlein, and Eugenia Butkevich*
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ABSTRACT: Drebrin-like protein (DBNL) is a multidomain F-actin-binding protein, which also interacts with other molecules
within different intracellular pathways. Here, we present quantitative measurements on the size and conformation of human DBNL.
Using dual-focus fluorescence correlation spectroscopy, we determined the hydrodynamic radius of the DBNL monomer. Native gel
electrophoresis and dual-color fluorescence cross-correlation spectroscopy show that both endogenous DBNL and recombinant
DBNL exist as dimers under physiological conditions. We demonstrate that C-terminal truncations of DBNL downstream of the
coiled-coil domain result in its oligomerization at nanomolar concentrations. In contrast, the ADF-H domain alone is a monomer,
which displays a concentration-dependent self-assembly. In vivo FLIM-FRET imaging shows that the presence of only actin-binding
domains is not sufficient for DBNL to localize properly at the actin filament inside the cell. In summary, our work provides detailed
insight into the structure−function relationship of human drebrin-like protein.
Drebrin-like protein (also known as DBNL, mAbp1, HIP-55, SH3P7, or DBN-1 in Caenorhabditis elegans) is an
actin-binding protein of the ADF-H family. Its amino acid
sequence consists of an N-terminal ADF-H domain, followed
by a coiled-coil region, a proline-rich sequence, and a C-
terminal SH3 domain. The multidomain structure of DBNL
allows it to serve as an adapter protein for connecting the actin
cytoskeleton to many biomolecules enabling multiple cellular
functions. Its interaction with F-actin is mediated via the two
actin-binding modules: an ADF-H domain and a coiled-coil
region.1−3 In addition, DBNL interacts with dynamin 1,
WASP-interacting protein WIP, Piccolo, the Cdc42 guanine
nucleotide exchange factor Fgd1, FHL2, and other proteins.4−8
DBNL is an important player that mediates endocytosis and
vesicle recycling.4,9−12 In addition, it regulates actin dynamics
during the formation of dorsal ruffles5 and podosomes13 as
well as during sarcomere contraction.3 A recent report
indicates the role of native DBNL as a negative regulator of
cancer development, while its ADF-H domain alone enhances
Rho GTPase signaling and increases the extent of cancer cell
invasion.8 Atomic force microscopy of C. elegans drebrin-like
protein revealed its globular shape.3 The crystal structure of
the ADF-H domain of Saccharomyces cerevisiae DBNL and the
solution NMR structure of the ADF-H domain of human
DBNL have been resolved.2,14 Recently, a dimeric structure of
S. cerevisiae DBNL bound to the Arp2/3 complex has been
found using electron microscopy, and its modest propensity to
form dimers in solution in the absence of other proteins was
suggested.15 However, the conformational states in which
DBNL exists inside cells remain to be determined.
Furthermore, no biophysical measurements of recombinant
DBNL using single-molecule spectroscopy have previously
been reported.
In this report, we determine the size of human DBNL
monomers, examine their self-organization under physiological
conditions, and elucidate the impact of the coiled-coil domain
in this process. In addition, we demonstrate the importance of
the native conformation for the proper interaction of DBNL
with actin filaments in cells. For this, we utilize advanced
variants of fluorescence correlation spectroscopy (FCS), native
gel electrophoresis, and fluorescence lifetime imaging-Förster
resonance energy transfer (FLIM-FRET).
To examine the conformational state of endogenous human
DBNL, we performed native gel electrophoresis and Western
blot analysis of cell lysates (see the Gel electrophoresis and
Western blot and Antibodies subsections in the Supporting
Information) from four different human cell lines: HeLa
(cervix epithelial adenocarcinoma), MCF7 (mammary gland
epithelial adenocarcinoma), HEK-293 (embryonic kidney),
and hMSCs (human bone marrow-derived mesenchymal stem
cells). While the predicted molecular weight of human DBNL
is ∼48 kDa, it migrates as a single band of ∼60 kDa under
denatured conditions. The retarded protein migration may
result from the high content of charged amino acids.9 Under
native conditions, it migrates as a single band of ∼120 kDa,
which strongly indicates its dimerization (Figure 1A).
This result prompted us to investigate the dimerization of
recombinant DBNL (for protein expression and purification
details, see the Expression constructs and expression and
purification of recombinant proteins subsections in the
Supporting Information) using dual-color fluorescence cross-
correlation spectroscopy (FCCS). FCCS is an extension of
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FCS (fluorescence correlation spectroscopy) in which one
detects the fluorescence signal from two spectrally distinct
fluorescent species simultaneously in two channels (see Figure
1B).16,17 A subsequent cross-correlation analysis allows the
detection of particles carrying both fluorescent labels. The
method has been widely exploited to study protein−protein
interactions in signaling processes, kinetics of enzymatic
cleavage, or dynamic co-localization of proteins in endocytic
pathways and intracellular trafficking.18−22 We perform FCCS
measurements on an equimolar mixture of his-EmGFP-DBNL
(DBNL monomer fused with his-tagged emerald green
fluorescent protein) and his-mCherry-DBNL (DBNL mono-
mer fused with his-tagged mCherry) monomers (for
experimental details, see the Instrumentation and experimental
procedures for FCCS, 2fFCS, FCS and FLIM-FRET imaging
subsection in the Supporting Information). If EmGFP- and
mCherry-labeled monomeric units of DBNL bind to each
other, this results in a non-zero fluorescence cross-correlation.
Figure 1C shows the fluorescence auto- and cross-correlation
curves obtained from a nanomolar mixture of his-EmGFP-
DBNL and his-mCherry-DBNL. We observe a positive cross-
correlation amplitude due to co-diffusion of DBNL monomers.
In contrast, we observe negligible or no cross-correlation in the
case of only his-EmGFP and his-mCherry (Figure 1D). This
finding is in excellent agreement with experiments on
endogenous human DBNL. These observations point out
that both endogenous DBNL and recombinant human DBNL
undergo dimerization under physiological conditions.
We utilized dual-focus FCS (2fFCS) to measure the
translational diffusion coefficient of his-EmGFP-DBNL mono-
mers in solution. This value was subsequently converted to the
hydrodynamic radius or the radius of hydration of the protein






where DT is the diffusion coefficient at measurement
temperature T, kB is Boltzmann’s constant, η is the viscosity
of the solution, and RH is the Stokes or hydrodynamic radius.
Thus, any change in RH of a molecule of interest is directly
reflected in a change in its translational diffusion coefficient.
2fFCS, in contrast to classical FCS, is not affected by refractive
index mismatch, variations in the thickness of the glass
coverslip, laser beam astigmatism, or optical saturation of the
fluorescent molecules. The technique was introduced in
200723 and has been utilized for precise determination of
diffusion coefficients of fluorescent molecules at pico- to
nanomolar concentrations.24−26 Here, we briefly outline the
working principle of the technique (for details, see ref 23 and
the Instrumentation and experimental procedures for FCCS,
2fFCS, FCS and FLIM-FRET imaging subsection in the
Supporting Information). A pair of interleaved pulsing lasers
with orthogonal polarization are used for sample excitation. A
Nomarski prism in the excitation path between the dichroic
mirror and the objective lens deflects the light in a
polarization-dependent manner so that after focusing through
the objective two laterally shifted but overlapping excitation
foci are created. The lateral distance between the foci is
wavelength-dependent and has to be determined a priori by a
calibration measurement with a dye or fluorescent beads with a
known diffusion coefficient. This distance remains unaltered
under optical saturation or aberrations and thus can be used as
a “ruler” to measure diffusion coefficients. By employing pulsed
interleaved excitation (PIE) together with time-correlated
single-photon counting (TCSPC), one can determine which
detected photon was excited by which laser and thus in which
of the two laterally shifted foci. Next, we calculate the
fluorescence autocorrelation function (ACF) of each focus and
the cross-correlation function (CCF) between foci and
perform a diffusion coefficient global fit of the ACF and
CCF using appropriate model functions.23 For our measure-
ments on DBNL, we used a 100 pM his-EmGFP-DBNL
solution in 1× PBS (pH 7.4) and employed a commercial
confocal microscope for the 2fFCS experiments. Figure 2
shows the ACFs and CCFs that were then fitted globally,
resulting in the following fit parameters: diffusion coefficient D
= 37.50 ± 2.50 μm2/s, triplet state relaxation time τT = 152.2
± 3.5 μs, laser-focus beam waist diameter ω0 = 435 nm, and
Rayleigh length a0 = 203 nm. Using eq 1, we calculated a
Stokes radius of his-EmGFP-DBNL of 6.72 ± 0.40 nm. Next,
we quantified the diffusion coefficient of his-EmGFP only (D =
104.20 ± 8.50 μm2/s), which yields an RH value of 2.42 ± 0.20
Figure 1. Both endogenous DBNL and recombinant DBNL exist as
dimers. (A) DBNL exists as a dimer in human cells. Western blot
analysis of DBNL expression in HeLa (cervix epithelial adenocarci-
noma) cells, MCF7 (mammary gland epithelial adenocarcinoma)
cells, HEK-293 (embryonic kidney) cells, and hMSCs (human bone
marrow-derived mesenchymal stem cells). Proteins of total cell lysates
were separated by native 10% Tris-glycins or denatured 12% Bis-Tris
gel electrophoresis, transferred onto a PVDF membrane, and stained
with anti-human DBNL antibodies or anti-α-tubulin and anti-actin
antibodies together for a loading control. Molecular mass markers in
kilodaltons are indicated on the left. (B−D) Recombinant DBNL
exists as a dimer. (B) Experimental scheme of dual-color fluorescence
cross-correlation spectroscopy (FCCS) of an equimolar mixture of
his-EmGFP-DBNL and his-mCherry-DBNL. The image shows an
illustration of co-diffusion of DBNL monomers tagged with his-
EmGFP and his-mCherry in a focused confocal volume. (C)
Autocorrelation curves of his-EmGFP-DBNL (red), his-mCherry-
DBNL (blue), and their cross-correlation (green). (D) Same as panel
C for his-EmGFP and his-mCherry. As one can see in panel D, we
observe negligible or no cross-correlation between his-EmGFP and
his-mCherry unlike when they are tagged to DBNL as in panel C. All
correlation curves were normalized to their amplitudes at time 1 s
when the correlations have decayed completely.
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nm that matches the previously reported value.27 To estimate
the RH value of DBNL monomers without tagged his-EmGFP,
we proceeded as follows. Assuming a spherical shape for the
protein, we obtained volumes of 1270 ± 230 nm3 for his-
EmGFP-DBNL and 59 ± 14 nm3 for his-EmGFP. The
difference yields a volume of 1212 ± 200 nm3 for DBNL,
which corresponds to a hydrodynamic radius of 6.60 ± 0.40
nm. It should be mentioned that this value will be slightly
larger than that for pure DBNL due to the presence of the
fusion linker with a length of 14 amino acids.
The shape of a protein is specified by noncovalent
interactions between regions of its amino acid sequence.
Mutations of proteins are well-known to destabilize their
conformation and initiate oligomerization and even aggrega-
tion, which might cause cellular dysfunction.28−30 A two-
stranded α-helical coiled coil is a most common structural
motif that mediates dimerization via hydrophobic and
electrostatic interactions between residues.31,32 To examine
the impact of the coiled-coil domain in the dimerization of
DBNL, we investigated three DBNL truncation mutants:
DBNL(1−179) (truncated before the coiled-coil domain),
DBNL(1−256) (truncated after the coiled-coil domain) and
DBNL(1−374) (deleted SH3 domain) (Figure 3A). The
nontagged truncated proteins were expressed in MCF7 cells
under the control of a CMV promoter, and cell lysates were
subjected to native gel electrophoresis and Western blot
analysis. Surprisingly, none of the mutated proteins displayed a
monomeric or dimeric structure. Instead, they migrated
through the native gel significantly slower than the full-length
DBNL (Figure 3B). Similarly, the native recombinant his-
EmGFP-tagged truncated proteins showed smeared patterns
with molecular weights that were higher than that of full-length
his-EmGFP-DBNL (Figure 3C,D). These results clearly
indicate that truncations of DBNL lead to a change in
compaction and might induce oligomerization.
To probe the oligomerization of truncated DBNL, we
utilized classical FCS and measured the translational diffusion
times of recombinant his-EmGFP-tagged DBNL(1−179),
DBNL(1−256), and DBNL(1−374) at 100 pM and 10 nM
concentrations in 1× PBS (pH 7.4) using a laser intensity of 10
μW (see the Instrumentation and experimental procedures for
FCCS, 2fFCS, FCS and FLIM-FRET imaging and Data
evaluation subsections in the Supporting Information). his-
EmGFP-DBNL(1−179) showed the same diffusion times at
100 pM and 10 nM concentrations (Figure 3E). In contrast,
diffusion times of both his-EmGFP-DBNL(1−256) and his-
EmGFP-DBNL(1−374) decreased significantly at 10 nM
compared to 100 pM concentration (Figure 3F,G). Thus, it
can be inferred that at a concentration of 10 nM the isolated
ADF-H domain exists as a monomer, while both mutants
truncated after the coiled-coil domain undergo oligomerization
at the same concentration. These results indicate that the
Figure 2. 2fFCS measurement of a 100 pM aqueous solution of his-
EmGFP-DBNL. Autocorrelation functions (ACFs) are shown as red
circles for the first focus (ACF 1) and blue circles (ACF 2) for the
second focus. The two possible cross-correlation functions (CCFs)
between both foci are represented as green and brown circles,
respectively. Solid lines indicate a global fit. As fit parameters, we
obtained diffusion coefficient D = 37.50 ± 2.50 μm2/s, triplet state
relaxation time τT = 152.2 ± 3.5 μs, ω0 = 435 nm, and a0 = 203 nm.
All correlation curves were normalized to their amplitudes at 1 s. The
excitation intensity was 10 μW for each laser. Figure 3. Biophysical properties of truncated DBNL. (A) Schematic
representation of full-length DBNL and its truncation mutants:
DBNL(1−179), DBNL(1−256), and DBNL(1−374). (B) Western
blot analysis of DBNL in MCF7 cells transfected with full-length
DBNL or its truncation mutants, indicated in panel A, and in
nontransfected cells (nt). Denatured or native proteins were separated
by 12% Bis-Tris or 10% Tris-glycine gel electrophoresis, respectively,
transferred onto a PVDF membrane, and stained with anti-human
DBNL antibodies. Molecular mass markers in kilodaltons are
indicated at the left. The low-intensity bands indicated by arrowheads
are of endogenous DBNL. The weak signal of DBNL(1−179) is due
to the reduced number of binding sites for the polyclonal antibodies.
(C) Schematic representation of recombinant his-EmGFP-tagged full-
length DBNL and its truncation mutants: DBNL(1−179), DBNL(1−
256), and DBNL(1−374). (D) Denatured or native proteins,
indicated in panel C, were separated by 12% Bis-Tris or 10% Tris-
glycine gel electrophoresis, respectively, and stained with Roti-Blue
quick. Molecular mass markers in kilodaltons are indicated on the left.
(E−G) FCS measurements of DBNL truncated at three different
positions. (E) Normalized fluorescence autocorrelation of his-
EmGFP-DBNL(1−179). Autocorrelation curves for 100 pM and 10
nM solutions of the protein are colored red and blue, respectively. As
one can see, there is a negligible difference in the diffusion time scales
for 100 pM and 10 nM. (F) Same as panel E for his-EmGFP-
DBNL(1−256). The diffusion speed decreases for 10 nM (blue)
compared to 100 pM protein (red). (G) Same as panel E for his-
EmGFP-DBNL(1−374). Protein oligomerization leads to slower
diffusion at 10 nM (blue) relative to 100 pM (red) protein.
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coiled-coil domain mediates self-assembly, but the presence of
both proline-rich and SH3 domains is essential for DBNL to
maintain a stable dimer conformation. Interestingly, while we
do not observe oligomerization of his-DBNL(1−179) at
nanomolar concentrations in our FCS measurements, it
migrates as an oligomer through the native gel when taken
at micromolar concentrations. We suppose that the oligome-
rization of the ADF-H domain of DBNL is concentration-
dependent, similar to that of human cofilin, which consists of a
single ADF-H domain and displays a concentration-dependent
self-assembly via its C-terminal part.33,34
Previously, we used atomic force microscopy to show that
drebrin-like protein has a globular shape and decorates the
sides of actin filaments.3 Using an in vitro actin binding assay,
Kessels and colleagues identified two independent actin-
binding modules within the structure of the mammalian
DBNL: ADF-H and coiled-coil domains.1 In a two-component
in vitro system, DBNL truncated after a coiled-coil domain
binds to F-actin as strongly as the full-length protein, while the
isolated ADF-H domain binds with a significantly reduced
affinity.1 To probe the impact of protein conformation on its
interaction with F-actin inside cells, we utilized FLIM-FRET
imaging.35−37 In FLIM-FRET, one labels the target molecule
of interest with a donor, and the corresponding ligand with an
acceptor, and then determines the FRET efficiency between
the donor and acceptor by measuring the donor fluorescence
lifetime. Due to the short nanometer range of FRET, a high
FRET efficiency indicates direct target−ligand binding. A
reasonable control experiment is to measure the fluorescence
lifetime of the donor in the absence of the acceptor or by
remeasuring the donor lifetime after full acceptor photo-
bleaching. For our purpose, we co-expressed EGFP (enhanced
GFP)-actin (donor) and mCherry-DBNL or mCherry-tagged
truncated DBNL mutants (acceptor) in MCF7 cells (see the
Cell culture and transfection and Antibodies subsections in the
Supporting Information for sample preparation details) and
measured the fluorescence lifetime of EGFP-actin (see the
FLIM-FRET Imaging subsection in the Supporting Informa-
tion for experimental details). Experiments were performed
using a commercial confocal microscope upgraded with time-
correlated single-photon counting (TCSPC) for fluorescence
lifetime determination. FLIM images of individual cells were
recorded by focusing the laser beam on areas spanning around
∼40 μm × 40 μm. Recorded TCSPC histograms were then
fitted with a biexponential decay function, and a compound
fluorescence lifetime value was calculated as the average of the
two found decay times weighted with their corresponding fit
amplitudes. Figure 4A shows fluorescence lifetime images of
EGFP-actin in the presence of full-length mCherry-tagged
DBNL in five representative cells. For all of the cells with full-
length protein, the lifetime was found to be 1.87 ± 0.05 ns (see
the leftmost data in Figure 4F). In contrast, the lifetime values
of EGFP-actin in the presence of mCherry-tagged DBNL(1−
179) (Figure 4B), DBNL(1−276) (Figure 4C), and
DBNL(1−374) (Figure 4D) were found to be 2.29 ± 0.06,
2.28 ± 0.04, and 2.32 ± 0.04 ns, respectively (errors in lifetime
values indicate the standard error of the mean). Finally but
importantly, the lifetime value for “donor-only” cells expressing
only EGFP-actin (Figure 4E) is 2.34 ± 0.05 ns, matching
closely the values that we obtained for cells expressing
truncated DBNL.
Thus, FLIM-FRET experiments show the decrease in the
fluorescence lifetime of EGFP-actin inside cells in the presence
of mCherry-DBNL, indicating a strong interaction of both
proteins. The absence of a FRET-induced lifetime reduction of
EGFP-actin in the presence of truncated mutants of DBNL
suggests an absence of interaction (Figure 4F). It can be
possible that other actin-binding proteins with higher F-actin
binding affinity displace truncated DBNL from actin filaments
in live cells. Previous reports demonstrate the importance of
the native structure of DBNL for retaining its biological
activity.3,5,8,38,39 In cells, DBNL undergoes proteolysis by the
ubiquitous calcium-sensitive protease calpain-2, which cleaves
DBNL between the coiled coil and the proline-rich region.5
Here, the N-terminal fragment (consisting of two actin-binding
modules) alone cannot rescue formation of actin-based dorsal
ruffles in DBNL-deficient cells.5 The expression of the ADF-H
domain alone is known to enhance Rho GTPase signaling and
to induce breast cancer cell invasion.8 In C. elegans, the impact
Figure 4. Interaction of EGFP-actin and mCherry-DBNL and its
truncation mutants measured using FLIM-FRET imaging. (A) MCF7
cells were co-transfected with EGFP-actin (donor) and mCherry-
DBNL (acceptor). Five representative FLIM images of EGFP-actin
are shown. The false color scale represents the average fluorescence
lifetime values. (B) Same as panel A for EGFP-actin co-transfected
with mCherry-DBNL(1−179). (C) Same as panel A for EGFP-actin
co-transfected with mCherry-DBNL(1−256). (D) Same as panel A
for EGFP-actin co-transfected with mCherry-DBNL(1−374). (E)
FLIM images of “donor-only” cells expressing EGFP-actin alone. (F)
A comparative plot shows mean fluorescence lifetime values and the
square root of variance (error bars) of EGFP-actin in individual cells
in the presence of DBNL (red), DBNL(1−179) (blue), DBNL(1−
256) (green), DBNL(1−374) (magenta), and “donor only” (black).
Each statistical group consists of 10 cells as indicated by N.
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of truncations can be visually evaluated by the change in the
worm’s movement ability. While the dbn-1(vit7) mutant,
containing a premature stop codon after the largest part of the
ADF-H domain, displays a strong body curvature and a striking
hyperbending phenotype, the dbn-1(ok925) mutant truncated
after two coiled coils moves in sinusoidal waves similar to the
wild type.38 However, the ok925 gene has a mild
disorganization of actin filaments during body-wall muscle
contraction3 and defective vesicle scission during endocytosis
in the intestines.39 Taken together, our data demonstrate that
the amino acid sequence of DBNL defines its existence as a
dimer and that DBNL can efficiently interact with actin
filaments inside a cell only in its native conformation.
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A cDNA encoding human DBNL was amplified by PCR from Human Brain Whole QUICK-
CloneTM cDNA (Clontech Laboratories) using the primers: attB1DBNL forward 5’-GGGG
ACAAGTTTGTACAAAAAAGCAGGCTCGATGGCGGCGAACCTGAGCCG-3’ and
attB2-DBNL reverse 5’–GGGGACCACTTTGTACAAGAAAGCTGGGTGTCACTCAAT
GAGCTCCACGT-3’, subcloned into pDONR201 (Invitrogen) and subsequently cloned into
CMV-mCherry-Gateway vector or Vivid ColorsTM pcDNATM6.2/N-EmGFP-DEST vector
(ThermoFisher Scientific) to obtain CMV-mCherry-DBNL or CMV-EmGFP-DBNL, respec-
tively. To create a CMV-mCherry-Gateway vector, mCherry was amplified from pmCherry-
N1 vector (Clontech Laboratories) and placed between XhoI and XbaI sites to exchange
EmGFP in pcDNATM6.2/N-EmGFP-DEST. cDNAs encoding DBNL, mCherry-DBNL, Em
GFP-DBNL, mCherry and EmGFP alone as well as EmGFP-tagged DBNL(1-179), DBNL(1-
256) and DBNL(1-374) were amplified by PCR and cloned into pET28a vector (Novagen)
between BamHI and NotI sites to obtain constructs for expression of his-tagged proteins in
E. coli. CMV-Gateway vector was created by excision of EmGFP from pcDNATM6.2/N-
EmGFP-DEST between two XhoI sites. cDNAs encoding DBNL, DBNL(1-179), DBNL(1-
256) and DBNL(1-374) were amplified by PCR and cloned into CMV-Gateway vector and
into CMV-mCherry-Gateway vector for expression in MCF7 cells. All cDNA clones were con-
firmed by DNA sequencing at SeqLab. pEGFP-Actin (6116-1) was purchased from Clontech
Laboratories.
Expression and purification of recombinant proteins
E. coli BL21-Gold (Agilent Technologies) were transformed with pET28a-mCherry-DBNL,
pET28a-EmGFP-DBNL, pET28a-EmGFP-DBNL(1-179), pET28a-EmGFP-DBNL(1-256),
pET28a-EmGFP-DBNL(1-374), pET28a-EmGFP, or pET28a-mCherry. Cells were grown
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to an OD600 of 0.4 in in Luria-Bertani medium containing 50 mg/l kanamycin at 37 oC. Cells
were induced to express protein by the addition of 0.1 mM IPTG, and incubation continued
for a further 4-5 h at 22 oC. Cultures were centrifuged at 4,600 g for 20 min at 4 oC. Pellets
were suspended in 20 ml of lysis buffer containing 20 mM NaH2PO4 pH 8.0, 500 mM NaCl, 10
mM β-mercaptoethanol, 1 mg/ml lysozyme, 0.01 mg/ml DNAse and protease inhibitor cock-
tail (S8830, Sigma-Aldrich) and subjected to three times alternating procedures of freezing
in liquid nitrogen followed by thawing on ice. Samples were sonicated 4 times 20 second each
on melting ice with intervals for cooling using a Branson model 250 sonifier. Lysates were
spun for a further 20 min at 40,000 g at 4 oC and resulting supernatants were incubated 1
hour with Ni2+-nitrilotriacetate (NTA) agarose beads (QIAGEN) at 4 oC on rotating wheel.
Beads were washed in buffer containing 20 mM NaH2PO4 pH 8.0, 500 mM NaCl, 10 mM
β-mercaptoethanol, 40 mM imidazole, 1mM PMSF. Protein was eluted with buffer contain-
ing 20 mM NaH2PO4 pH 8.0, 500 mM NaCl, 10 mM β-mercaptoethanol, 350 mM imidazole,
1mM PMSF. Elution buffer was exchanged to PBS pH 7.4 (D8537, Sigma-Aldrich) using
Amicon Centrifugal Filters (Merck).
Antibodies
Antibodies specific for DBNL were raised in chicken against his-tagged full-length human
DBNL coupled to keyhole limpet hemocyanin at Bioscience. The final antisera was purified
using NHS-activated Sepharose High Performance (GE Healthcare Life Science). The reason
for generation of these antibodies was that two tested anti-DBNL antibodies (sc398351,
Santa Cruz and HPA020265, Sigma-Aldrich) recognized a denatured but not a native form
of DBNL and any antibodies, which recognize native human DBNL were reported so far. The
antibodies were validated in western blot. The immunoreactivity was significantly reduced
upon treatment of MCF7 cells with shRNA against human DBNL (sc-75255-SH, Santa Cruz
Biotechnology). The band was not detected by this antibodies preincubated with his-DBNL
and by preimmune serum subjected to purification in parallel to postimmune serum. As
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seen in Fig. 3B, these antibodies recognize full-length DBNL and its truncation mutants
expressed from the plasmids. The signal from the truncated construct DBNL(1-179) is
reduced presumably due to the reduction of number of antibody-binding sites.
Cell culture and transfection
MCF7, HEK-293 and HeLa cells were purchased from ATCC and hMSC from Lonza. All
cell lines tested negative for micoplasma contamination. Cells were cultured in DMEM sup-
plemented with 10% FCS, 2 mM L-glutamine, 1 mM sodium pyruvate, 100 U/ml penicillin-
streptomycin in a humidified 5% CO2 atmosphere at 37 oC. For western blot, MCF7 cells
were transfected with non-tagged DBNL, DBNL(1-179), DBNL(1-256) or DBNL(1-374) us-
ing ViaFect (Promega) and assayed 24 h later. For FLIM-FRET imaging, MCF7 cells were
transfected with EGFP-actin alone or co-transfected with EGFP-actin and mCherry-DBNL,
mCherry-DBNL(1-179), mCherry-DBNL(1-256) or mCherry-DBNL(1-374). 12 hours later
cells were rinsed with PBS and fixed in 4 % (v/v) formaldehyde/PBS for 15 min. Samples
were washed in PBS, rinsed with distilled water, and mounted using Fluoroshield™ (F6182,
Sigma-Aldrich).
Gel electrophoresis and Western blot
About 200,000 cells were lysed in 100 µl of lysis buffer, containing 150 mM NaCl, 50 mM Tris
pH 7.4, 2 mM EDTA and 1% Nonidet P-40. For native gel electrophoresis, 2x Tris-Glycin
buffer was added and 20 µl of sample were resolved by 10% Novex Tris-Glycin gel (Life Tech-
nologies). For SDS PAGE, 4x Laemmli buffer was added, the sample was heated to 95 oC for
5 min and 15 µl of sample were resolved by a 12% NuPAGE Bis-Tris gel (Invitrogen). Pro-
teins were transferred onto a Immobilon-P polyvinylidene difluoride membrane (Millipore)
using a Bio-Rad Criterion Blotter. After the transfer membrane was blocked with 10% non-
fat milk in PBS containing 0.05% Tween 20 for 30 min and incubated with affinity-purified
anti-DBNL antibodies diluted at 1:1000 at 4 oC overnight, followed by treatment with di-
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luted at 1:10000 peroxidase-labeled goat anti-chicken IgY (A16054, Thermo Fisher). Mouse
monoclonal anti-actin (clone C4; MP Biomedicals) and mouse monoclonal anti-α-tubulin
(clone DM1A, Sigma-Aldrich) antibodies were used in combination with peroxidase-labeled
goat anti-mouse IgG (A4416, Sigma-Aldrich). The reactivity was detected with an Amer-
sham ECL Detection Reagent (GE Healthcare Life Science) using an Intas gel imager (Intas
Science Imaging Instruments GmbH). To analyze the electrophoretic mobility of recombi-
nant proteins, 2 µM solution of each protein in native sample buffer or in Laemmli buffer
were prepared. For native gel electrophoresis, 15 µl of the sample were resolved by 10%
Novex Tris-Glycin gel (Life Technologies). For SDS PAGE, the sample was heated to 95 oC
for 5 min and 15 µl of the sample were resolved by 12% NuPAGE Bis-Tris gel (Invitrogen).
Molecular weight markers were purchased from ThermoFisher Scientific (PageRuler™ Plus
Prestained Protein Ladder) and Serva (Native Marker 39219). For detection of native mark-
ers, a PVDF membrane was stained with Ponceau S (Sigma-Aldrich). Gels were stained
with Roti®-Blue quick (Roth).
Instrumentation and experimental procedures for FCCS, 2fFCS, FCS
and FLIM-FRET imaging
For FCS, 2fFCS and FCCS experiments, we used the commercial instrument Microtime 200
(PicoQuant GmbH).1
FCS : Excitation was done with a linearly polarized pulsed diode laser (λ = 485 nm,
pulse duration 50 ps FWHM, LDH-P-C-485B, PicoQuant) equipped with a clean-up filter
(Brightline FF01-480/17, Semrock). Light of this laser is pulsed at a repetition rate of
40 MHz with a multi-channel picosecond laser driver (PDL 828, “Sepia II”, PicoQuant).
The laser beam is coupled into a polarization-maintaining single-mode fiber (PMC-400-
4.2-NA010-3-APC-250V, Schäfter and Kirchhoff GmbH). At the fiber output, the light is
collimated and reflected by a dichroic mirror (FITC/TRITC Chroma Technology) into the
objective lens of the microscope (UPLSAPO 60x water, 1.2 N.A., Olympus). The same
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water-immersion objective is used to collect fluorescence from the sample. A long-pass
filter (BLP01-488R-25, Semrock) is used to block back-scattered light from the laser. The
emission light is focused into a pinhole of 100 µm diameter, collimated again, and split by a
non-polarizing beam splitter cube (Linos Photonics GmbH & Co. KG) and refocused onto
two single-photon avalanche diodes (SPCM-CD 3516 H, Excelitas Technologies GmbH &
Co. KG). A multichannel picosecond event timer (HydraHarp 400, PicoQuant) records the
detected photons from both detectors independently with an absolute temporal resolution
of 16 ps on a common time frame. For FCS measurements, his-EmGFP-DBNL(1-179), his-
EmGFP-DBNL(1-256) and his-EmGFP-DBNL(1-374) were diluted to 10 nM and 100 pM
concentration in PBS (D8537, Sigma-Aldrich). The experiments were done by putting 30 µl
of sample on top of a cleaned glass cover-slip, and during measurements the objective was
focused approximately 30 µm into the solution.
FCCS : The excitation unit consists of two pulsed diode lasers, blue (λ= 485 nm, LDH-P-
C-485B, PicoQuant) and red (λexc = 640 nm, LDH-D-C 640, PicoQuant), for his-EmGFP-
DBNL and his-mCherry-DBNL, respectively. Laser pulse width was 50 ps FWHM, and
pulse repetition rate was 40 MHz. Laser pulsing, beam coupling, and focusing through
the objective lens were done as described in the previous section. After the pinhole, the
collected emission light was split by a non-polarizing beam splitter cube (Linos Photonics
GmbH & Co. KG) and refocused onto two single-photon avalanche diodes (SPCM-CD 3516
H, Excelitas Technologies GmbH & Co. KG). Spectral cross-talk between green and red
channel was avoided using emission band-pass filter 525/45 (Semrock) and 692/40 (Semrock)
in front of each detector. His-EmGFP-DBNL and his-mCherry-DBNL were diluted in PBS
(D8537, Sigma-Aldrich) to 1 nM each and 30 µl of mixed sample solution was placed on
top of a cleaned glass cover-slip for measurement. The same was done for his-EmGFP and
his-mCherry. Excitation and detection for 2fFCS were done as described in.2
FLIM-FRET Imaging : For FLIM-FRET experiments, we used a home-built confocal
setup equipped with an objective lens of high numerical aperture (Apo N, 100× oil, 1.49 NA,
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Olympus Europe, Hamburg, Germany). The excitation unit consists of a pulsed, linearly
polarized white light laser (SC400-4-80, Fianium Ltd., pulse width ∼ 50 ps, repetition rate
80 MHz) equipped with a tunable filter (AOTFnC 400.650-TN, Pegasus Optik GmbH). For
our experiments, we used 488 nm wavelength for exciting EGFP tagged to actin filaments.
Light was reflected using a non-polarizing beam splitter towards the objective lens, and
the back-scattered excitation light was blocked with long-pass filters (EdgeBasic BLP01-
488R, Semrock). A band-pass filter 525/45 (BrightLine FF01-525/45, Semrock) was used
for our measurements. Emission light collected by the objective was focused into a pinhole
of 100 µm diameter, collimated again and refocused into the active area of an avalanche
photodiode (Excelitas Technologies Corporation). Data recording was performed with the
aid of a multichannel picosecond event timer (HydraHarp 400, PicoQuant GmbH). Individual
cells were scanned with a focused laser spot using a piezo-nanopositioning stage (P-562.3CD,
Physik Instrumente GmbH).
Data evaluation
Calculation of intensity autocorrelation and cross-correlation curves for FCCS were done as
described in3,4 using a custom written MATLAB routine. For FCS, fluorescence correlation
curves were calculated from intensity fluctuations using the algorithm of.5 Finally, data eval-
uation and fitting for 2fFCS were performed as described in2 utilizing again custom written
MATLAB routines. Fluorescence lifetime data evaluation was done using MATLAB software
package for lifetime fitting as available here - https://www.joerg-enderlein.de/software.
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5.2 Loop formation dynamics and diffusion of disor-
dered proteins
In ref. [174], a Brownian dynamics model (based on bead-rod chain dynamics in a thermal
bath including hydrodynamic interactions) was developed by Steffen Mühle for a quanti-
tative understanding of the dynamics of intrinsically disordered peptides (IDPs). The core
idea was to measure end-to-end contact rates of IDPs using PET-FCS, and to determine
their hydrodynamic radius with dual-focus FCS. Using the theoretical framework devel-
oped by Steffen Mühle, the experimentally measured rates and radii were translated into
molecular properties of the peptides - the persistence length and hydrodynamic radius
per amino acid residue. Repeats of glycine and serine residues of different lengths (GS)n
were used for this study. My contribution was the 2fFCS measurement of hydrodynamic
radii of the GS repeats. The method has been described in details elsewhere [91]. In the
end, these measurements helped us to obtain the following polymer parameter values: a




During my work on this thesis, I have developed a novel optical method which enables
the localization of fluorescent molecules along the optical axis of a microscope with sub-
nanometer accuracy. Furthermore, I have utilized several advanced methods in SMFS for
the quantitative investigation of fast dynamics in biological molecules that cannot, to our
knowledge, be done easily with conventional methods.
In chapter 3, I have demonstrated how FLCS can be utilized for probing the rapid (∼1 µs)
photophysical transition between two emission states of EGFP that have different fluores-
cence lifetimes. This study, as published here [38] was the first experimental application
of FLCS to study rapid state transitions in a protein. My study shows that FLCS
could be used for a broad range of applications where changes in fluorescence lifetime
can be directly connected to, for e.g., local density fluctuations inside a polymer matrix,
nano-mechanical motion of a resonator in the quantum regime, or variations in electron
transfer rates in complex bio-macromolecules. FLCS can find further exciting applica-
tions for investigating fast conformational dynamics in biomolecules and polymer chains
such as intrinsically disordered proteins (IDPs). As a method complementary to FRET,
FLCS can be efficiently utilized for quantifying correlations of a donor’s lifetime, which
was for the first time reported here [175], where a fast transition between two conforma-
tional states was resolved in a dye-protein construct. Another promising application of
FLCS can be the investigation of fast molecular dynamics in combination with MIET.
In FLCS-MIET, labeling of the target molecule is done with a single dye instead of two
as in FRET. This makes FLCS-MIET technically simpler than FRET, and I believe that
the method will find a broad range of applications.
In chapter 4, two published reports encompassing the working principle and applications
of graphene- and metal-induced energy transfer (GIET and MIET) was provided. During
the course of this thesis, I developed GIET as an advanced variant of MIET, where I
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replaced the metal layer of MIET by a single graphene sheet, which enhanced the axial
resolution of the method by nearly tenfold. I have shown that it is possible to localize
single immobilized molecules with nanometer accuracy, and that one can measure the
distance between fluorophores attached to the two different leaflets of a supported lipid
bilayer (SLB). In particular, GIET offers an excellent opportunity to investigate structural
biophysics and leaflet-specific dynamics in artificial and cellular membranes which are
roughly 4-6 nm thick. In this vein, we have initiated multiple novel research projects
where we use GIET as a tool for precise quantification of the diffusion coefficient of lipids
and proteins in membranes, axial localization of membrane proteins, or dynamics and
fluctuations in membranes.
A fascinating question in membrane biophysics is how to resolve the lateral diffusion
of molecules in a leaflet-specific manner. Lipid molecules and various membrane pro-
teins exhibit different mobilities in each leaflet of a SLB. However, with the existing
fluorescent spectroscopic techniques, it is not straightforward to quantify the diffusion
coefficients in each leaflet separately. In this respect, FLCS in combination with GIET
could be a useful tool. While axial localization of fluorescent molecules in each leaflet
is done by GIET using fluorescence lifetimes, diffusion of the fluorophores in each leaflet
is resolved using FLCS by calculating ACFs in a lifetime-specific manner. In practice,
GIET-FLCS measurements are done similar to scanning FCS [176] using a linear scan
path. This approach, known as line-scan FCS (lsFCS, line-scan FLCS in our case) [177]
was developed to probe diffusion in membranes which is inherently slow in nature result-
ing in strong photobleaching when classical stationary FCS is used. In contrast, lsFCS
continuously scans the sample with the focused laser beam of a confocal laser-scanning
microscope (CLSM) thus significantly reducing photobleaching and significantly improv-
ing the statistical accuracy of the diffusion measurements. Scanning along a single line
instead of scanning a whole area enhances the temporal resolution and thus increases
diffusion-measurement accuracy. LsFCS offers several further advantages: it is insensi-
tive to optical saturation artifacts, or to exact vertical laser focus position with respect
to the membrane, and above all, it is calibration-free, which means that the size of the
scanning focus is directly inferred from the experiment without the need of measuring it
independently. Currently, we utilize GIET-lsFLCS for quantifying diffusion coefficients
of fluorescently labeled lipids freely diffusing in a SLB. For this purpose, we use fluores-
cently labeled lipid head groups (Atto655-DPPE) and mix them with unlabeled lipids
(DOPC) for preparation of small unilamellar vesicles (SUVs) which form a SLB after
deposition on a substrate. Measurements are done by repeatedly scanning along a lin-
ear path, thus obtaining higher photon statistics and accuracy in determining diffusion
coefficients. Next, lifetime-specific spatio-temporal ACFs and cross-correlation functions
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(CCFs) are calculated for varying lag space and lag times values. The resulting two-
dimensional correlograms are then fitted with a mathematical model for obtaining the
diffusion coefficients of the fluorophores. Experiments in this direction are currently on-
going.
Another exciting ongoing application of GIET is mapping the dynamics in mitochondrial
membranes during ATP synthesis. Mitochondria, popularly known as ’powerhouses of
the cell,’ are membrane-bound cell organelles which generate most of the chemical en-
ergy required for cellular biochemical processes. The energy is produced in the form of
adenosine tri-phosphate (ATP). A mitochondrion is constituted by an outer mitochon-
drial membrane, an inner membrane, the inter-membrane space between outer and inner
membranes, the cristae formed by invaginations of the inner membrane, and the matrix
between inner membranes. The outer membrane is very similar to a cell membrane and
contains integral membrane proteins called porins. The inner membrane is mostly in-
volved in various functions of a mitochondrion such as electron transport chain (ETC)
redox reactions and the synthesis of ATP in the matrix via the enzyme ATP synthase.
It also contains transport proteins that govern the passage of metabolites in and out of
the matrix. Our goal is to map the mitochondrial membranes and their dynamics using
GIET. For this purpose, we label the inner membrane of live isolated mitochondria with
the mitochondria-specific fluorophore mitotracker deep red and acquire FLIM images. To
differentiate between pre- and post-ATP-synthesizing states, we record FLIM images of
the mitochondria on a graphene substrate in the ’resting’ state, followed by activation
with a mixture of pyruvate, malate, and ADP, and then repeat the FLIM imaging in
the ’activated’ state. The core idea is to generate height maps of the inner membrane
in the ’resting’ and ’activated’ states, and to observe whether there exist dynamic height
fluctuations of the membrane between these two states.
Not only the fluorescence lifetime varies monotonously with distance from a MIET or
GIET substrate, but also the fluorescence intensity or brightness. This modulation of the
fluorescence intensity due to quenching by the metal or graphene can be utilized for fol-
lowing conformational fluctuations in biomolecules with nanoscond temporal resolution.
For this purpose, we combine scanning-FCS and MIET/GIET, and then scan immobi-
lized molecules tagged with a single dye to extract height fluctuations of the dye, which
reflects the underlying conformational dynamics of the tagged molecule. As the proof-of-
concept, we currently implement this method to study the dynamics of DNA hairpins.
We call this technique dynamic MIET or dynaMIET. Briefly, we use a DNA hairpin loop
with its 5’ end labeled with Atto 647N. The loop is attached to a dsDNA stalk which
itself is attached to a DNA origami platform. This custom-designed origami platform is
functionally immobilized on a passivated silicon dioxide spacer above a thin gold film.
The position of the fluorophore with respect to the gold layer changes due to the hairpin
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loop’s opening and closing dynamics, leading to characteristic fluorescence intensity fluc-
tuations that can be measured with FCS. With dynaMIET, we hope to simultaneously
probe the two-state dynamics of the hairpin loop which takes place on a timescale of
∼1 ms, but also the fast vertical diffusion of the DNA chain in its ’opened’ state which
takes place on timescales of hundreds of nanoseconds. Until now, sm-FRET remains the
technique of choice for probing such chain dynamics. Unlike sm-FRET, dynaMIET re-
quires only a single fluorescent tag, and it has a working distance of ∼150 nm, so that it
can be efficiently utilized for probing long chain dynamics on any timescale slower than
the fluorescence lifetime of the dye. I believe that dynaMIET will find many applications
especially for probing chain dynamics of intrinsically disordered proteins (IDPs), nucleic
acids, or other polymers.
Three-dimensional localization of single molecules is a major goal of SMLM-based tech-
niques. MIET or GIET, in combination with existing SMLM methods, can offer a versatile
and robust alternative for three-dimensional localization of single fluorescent molecules.
In this direction, we have recently combined FLIM with two SMLM techniques, dSTORM
and DNA-PAINT, using a CLSM equipped with a pulsed laser, single-photon counting
detectors, and TCSPC electronics [178]. In this way, we combined the multiple advan-
tages of CLSM with those of SMLM. In particular, CLSM provides single-photon sensi-
tivity, axial sectioning, pixel-free imaging, and fluorescence lifetime information, whereas
SMLM provides lateral super-resolution. This approach of fluorescence lifetime-SMLM
(FL-SMLM) has been demonstrated by imaging fluorescently labeled microtubules and
clathrins in COS7 cells. The next development will be to combine FL-SMLM with MIET
for axial localization, thus realizing dSTORM-MIET or DNA-PAINT-MIET as an ap-
proach to three-dimensional super-resolution microscopy. However, one major drawback
of CLSM-TCSPC for FLIM imaging is that it is three to five times slower than wide-
field microscopy. For MIET experiments, we recently obtained a new FLIM camera
(LINCam25, Photonscore GmbH) and could successfully use it for fluorescence lifetime
imaging of single-molecule molecules [179]. Using this camera, we could successfully local-
ize and distinguish different single molecules (Cy5, Atto 655, and Atto 647N) with similar
emission spectra but distinct fluorescence lifetimes. The next step will be to combine this
with MIET/GIET for realizing three-dimensional wide-field SMLM.
Finally yet importantly, the next goal in MIET and GIET imaging is to utilize fluores-
cent proteins as probes instead of organic dyes. This will unlock the huge potential of
the technique for live-cell imaging. In this direction, we currently perform MIET mea-
surements of the nanometric undulations of an active cell membrane. For this purpose,
we utilize Dictyostelium discoideum (D.d.), a social amoeba growing in soil and which is
frequently used as a model organism for investigating cell adhesion, motility, chemotaxis,
and signal transduction [180]. We tagged the surface cyclic AMP receptor 1 (cAR1) with
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a GFP variant. Binding of cyclic AMP (cAMP) to cAR1 results in an amplification of
actin polymerization at the leading edge of D.d., resulting on the formation of membrane
protrusions known as pseudopodia.
Chapter 5 illustrated the application of various single-molecule spectroscopic and imag-
ing techniques for elucidating the structure-function relationship and fast dynamics in
proteins. I utilized classical FCS, dual-focus FCS, FCCS, PET-FCS, and FLIM-FRET
imaging for studying the dimerization and oligomerization of human DBNL, and for in-
vestigating the conformational dynamics of intrinsically disordered GS repeat peptides.
These studies are superb examples of the capabilities of single-molecule spectroscopy
for investigating biomolecules with heterogeneous structure and dynamics at the single-
molecule level.
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[69] Thomas Schmidt, GJ Schütz, W Baumgartner, HJ Gruber, and H Schindler. Imag-
ing of single molecule diffusion. Proceedings of the National Academy of Sciences,
93(7):2926–2929, 1996.
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